


  

 

ABSTRACT 

T cells play an essential role in the immune response to pathogens, 

serving as both guardians and regulators of host defenses. This thesis dives into 

the roles of T cells with a focus on infectious diseases and pulmonary 

immunology, including the effects of immunosuppression. We first introduce the 

pigtail macaque (PTM) as a novel model for understanding COVID-19, with an 

emphasis on T cell-mediated immune responses. We show that pulmonary 

infiltrates were dominated by T cells, including CD4+ T cells that upregulate CD8 

and express cytotoxic molecules, as well as virus-targeting T cells that were 

predominantly CD4+. We then investigate the impact of simian immunodeficiency 

virus (SIV)-induced immunodeficiency on the progression of COVID-19 disease 

and the persistence and evolution of SARS-CoV-2. We show that while 

immunodeficiency induced by SIV appeared to modulate the adaptive response 

to SARS-CoV-2, as evidenced by a failure to generate neutralizing antibodies or 

virus-specific T cell responses, it did not alter the overall course of disease or 

viral kinetics in the PTM model, suggesting that SIV alone may not be sufficient 

in driving the emergence of novel SARS-CoV-2 variants. These studies prompted 

us to further explore pulmonary T cells, emphasizing a previously overlooked 

population of cells in the lung's vascular system. Using intravascular staining 

(ivs), our findings suggest that pulmonary vascular T cells (ivs+) are a unique 

population distinct from mere “blood contaminants.” Through flow cytometry and 

single-cell RNA sequencing, we show that CD8+ T cells are enriched within this 



  

group and predominantly exhibit an effector phenotype highlighted by increased 

Granzyme B (GZMB) expression. These T cells demonstrate a gene expression 

profile enriched in cell adhesion and extravasation markers, suggesting a unique 

pulmonary vasculature niche that selects for specific cells. In SIV-infected rhesus 

macaques (RhM), ivs+ CD8+ T cells showed heightened activity compared to 

tissue-resident memory CD8+ T cells (TRM). Collectively, this research highlights 

the role of T cells in infectious disease, particularly within the realm of pulmonary 

immunology. These findings not only enrich our understanding of T cell biology 

but also reinforce non-human primates (NHPs) as a valuable animal model in 

biomedical research, providing crucial insights for the development of novel 

therapeutics, particularly those that modulate pulmonary T cell responses.  

 

  





  

 



 i 

 

 

 

To my beautiful children, Brittany Alexandra and Hunter Jack,  

Being your mom has been the greatest gift. Remember always that dreams and 

goals know no boundaries or expiration dates. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 ii 

 

 

 

TABLE OF CONTENTS 

List of Figures.................................................................................................... iv 

List of Tables..................................................................................................... vii 

Introduction and Background............................................................................ 1 

Chapter 1........................................................................................................... 19 

The Pigtail Macaque (Macaca nemestrina) Model of COVID-19 Reproduces 
Diverse Clinical Outcomes and Reveals New and Complex Signatures of  
Disease 

Abstract.................................................................................................... 20 
Introduction.............................................................................................. 21 
Materials and Methods............................................................................. 24 
Results..................................................................................................... 35 
Discussion................................................................................................ 60 

Chapter 2........................................................................................................... 76 

The Impact of SIV-Induced Immunodeficiency on Clinical Manifestation, 
Immune Responses, and Viral Dynamics in SARS-CoV-2 
Coinfection 

 Abstract.................................................................................................... 77 
 Introduction.............................................................................................. 78 
 Materials and Methods............................................................................. 81 
 Results..................................................................................................... 89 
 Discussion................................................................................................ 96 

Chapter 3......................................................................................................... 105 

Molecular Transcriptomic Signatures of Pulmonary T Cells in Non-Human 
Primates: Redefining Lung Vasculature T Cells Beyond Blood  
Contaminants Through Single-Cell RNA Sequencing 

 Abstract.................................................................................................. 106 
 Introduction............................................................................................ 107 
 Materials and Methods........................................................................... 110
 Results................................................................................................... 116 



 iii 

 Discussion.............................................................................................. 141 

Conclusion and Future Directions................................................................ 155 

List of References........................................................................................... 162 

Acknowledgments.......................................................................................... 199 

 

  



 iv 

 

 
 

LIST OF FIGURES 

Chapter 1 

Figure 1.1 Viral dynamics................................................................................. 37 

Figure 1.2 Histopathologic findings in SARS-CoV-2 infected pigtail   
macaques................................................................................................ 40  

Figure 1.3 Inflammatory innate immune response in pigtail macaques  
challenged with SARS-CoV-2................................................................ 43 

Figure 1.4 Pulmonary SARS-CoV-2 infection and macrophage/monocytes  
in the lung and blood............................................................................. 47 

Figure 1.5 Monocyte cytokine response in the blood of pigtail macaques  
challenged with SARS-CoV-2................................................................ 48 

Figure 1.6 T cells in the blood......................................................................... 50 

Figure 1.7 Adaptive T cell responses in the BAL........................................... 51 

Figure 1.8 Changes in T cell cytokine expression in the lung and blood... 53 

Figure 1.9 CD4 and Granzyme B expression in the lungs of SARS-CoV-2  
infected macaques at 6- and 21-days post infection.......................... 56 

Figure 1.10 SARS-CoV-2 peptide-specific T cell response in the lung 21  
days post- Infection............................................................................... 58 

Figure 1.11 Humoral immune response in SARS-CoV-2 infected pigtail  
macaques................................................................................................ 59 

Figure 1.S1 Body temperature and oxygen saturation in SARS-CoV-2  
infected pigtail macaques..................................................................... 66 

Figure 1.S2 Radiographs of pigtail macaques (PTM) challenged with  
SARS CoV-2............................................................................................ 67 

 



 v 

Figure 1.S3 Gross pathological pulmonary pathology in SARS-CoV-2  
infected-pigtail macaques..................................................................... 68 

Figure 1.S4 Changes in IDO activity post SARS-CoV-2 infection................. 69 

Figure 1.S5 SARS-CoV-2 peptide-specific T cell response in the blood 21  
days post- infection............................................................................... 70 

Figure 1.S6 Gating strategies.......................................................................... 71 

 

Chapter 2 

Figure 2.1 Before SARS-CoV-2 exposure, PTM experienced uncontrolled  
SIV viremia and immunodeficiency due to loss of CD4+ T cells....... 90 

Figure 2.2 SARS-CoV-2 viral dynamics.......................................................... 92 

Figure 2.3 T cell dynamics in blood and BAL following SARS-CoV-2  
infection of SIV+ and SIV naïve PTM.................................................... 94 

Figure 2.4 SARS-CoV-2 specific T cell responses were undetectable in the  
lung and blood 21-days-post-infection................................................ 95 

Figure 2.5 Humoral immune response to SARS-CoV-2 infection................. 96 

Figure 2.S1 Body temperature, weight, and oxygen saturation in SARS- 
CoV-2 /SIV coinfected pigtail macaques............................................ 101 

Figure 2.S2 Radiographs of SIV-infected pigtail macaques (PTM)  
challenged with SARS-CoV-2.............................................................. 102 

 

Chapter 3 

Figure 3.1 Intravascular staining (ivs) in Rhesus Macaques (RhM)........... 117 

Figure 3.2 tSNE analysis of CD3+ T cells isolated from blood and  
respiratory tissue................................................................................. 119 

Figure 3.3 CD69 expression on T cells isolated from lung (ivs- and ivs+)  
and blood.............................................................................................. 120 



 vi 

Figure 3.4 Viral and T cell Dynamics in SIVmac239 infected rhesus  
macaques (RhM).................................................................................. 122 

Figure 3.5 T cell phenotyping across blood and lung in SIV-infected  
rhesus macaques (RhM)..................................................................... 123 

Figure 3.6 Pulmonary ivs+ CD8+ T cells have increased cytotoxic  
capacity................................................................................................. 124 

Figure 3.7 MHC Class-I tetramer staining of SIV-specific CD8+ T cells  
pre and 4 weeks post-ART cessation................................................. 126 

Figure 3.8 Single-cell sequencing analysis of CD3+ T cells isolated  
from lung (ivs+ and ivs-), bronchial lymph node (LN),  
and blood.............................................................................................. 130 

Figure 3.9 Single-cell analysis of T cells across tissues............................ 132 

Figure 3.10 Differential gene expression (DEG) and gene set enrichment  
analysis (GSEA) of T cells across tissues......................................... 135 

Figure 3.11 Cell-cell communication analysis reveals upregulation of  
transendothelial migration transcripts in pulmonary ivs+ T cells... 137 

Figure 3.12 Transcriptomic expression of genes associated with tissue  
residency and cytotoxicity in pulmonary ivs+ and peripheral CD8  
T cells.................................................................................................... 140 

Figure 3.13 Transcriptomic expression of genes associated with vascular  
cell wall interactions in pulmonary ivs+ and peripheral CD8  
T cells.................................................................................................... 141 

Figure 3.S1 Granzyme B (GZM-B) expression on CD8 T cell populations  
isolated from lung (both ivs+ and ivs-).............................................. 146 

Figure 3.S2 Functional responses of pulmonary (ivs+ and ivs-) and  
peripheral CD8 T cells......................................................................... 147 

Figure 3.S3 Single-cell analysis of T cells across tissues...........................148 

 

 

  



 vii 

 

 

 
LIST OF TABLES 

Chapter 1 

Table 1.1 PTM cohort used in this study, including sex, age, and weight  
at the time of SARS-CoV-2 inoculation................................................ 26 

Table 1.S1 Clinical, blood and necropsy observations in pigtail macaques  
(PTM) challenged with SARS-CoV-2..................................................... 72 

Table 1.S2 Monocyte Flow Cytometry Panel.................................................. 73 

Table 1.S3 Phenotype Flow Cytometry Panel................................................ 74 

Table 1.S4 T cell Flow Cytometry Panel......................................................... 75 

Table 1.S5 T cell SARS-CoV-2 Peptide, PMA/Ionomycin Stimulation.......... 75 

Table 1.S6 Immunohistochemistry Reagent Panel........................................ 75 

 

Chapter 2 

Table 2.1 Cohort of PTM used in this study................................................... 81 

Table 2.S1 Flow Cytometry Antibodies......................................................... 103 

Table 2.S2 XpressBio Simian ELISA Reagents............................................ 104 

 

Chapter 3 

Table 3.S1 Flow Cytometry Antibodies......................................................... 149 

Table 3.S2 Top differentially expressed genes (DEG) for each seurat  

cluster................................................................................................... 150 

 



 viii 

Table 3.S3 Differential gene expression between seurat clusters 2  

and 1................................................................................................... 154 

 

 

 

 



 1 

 
 
 

Introduction 
 

The study of immune dynamics, particularly in the context of infectious 

disease, has gained significant attention due to the global crisis caused by the 

COVID-19 pandemic. Immunity, at its core, is a finely balanced interplay of 

various cellular players intricately responding to pathogenic invaders. Among 

these, T cells stand out as faithful defenders due to their ability to recognize 

specific antigens, proliferate rapidly upon activation, and differentiate into diverse 

roles, ranging from immediate effectors to long-lived memory cells. Their 

essential role in adaptive immunity highlights their significance in infectious 

disease research.  

The emergence of SARS-CoV-2 in December 2019, the causative agent 

of COVID-19, has impacted millions of people worldwide, with over 770 million 

reported cases and nearly 7 million deaths as of September 2023 [1]. While most 

cases are mild or asymptomatic, some individuals experience severe 

complications, including pneumonia, systemic inflammation, and coagulopathy, 

which can lead to organ failure, shock, and death [2–7]. Research suggests that 

the intensity of the immune response is linked to the severity and progression of 

COVID-19, with severe disease typically manifesting 3-4 weeks after initial 

symptoms [8,9]. 

In the early stages of the pandemic, establishing animal models that 

faithfully replicated human disease was paramount for developing effective 
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vaccines and treatments as well as for understanding the immune response to 

infection [10]. While non-human primates (NHPs) were found to be naturally 

susceptible to SARS-CoV-2 infection, these animal models failed to recapitulate 

the severe disease experienced by some humans [11–15].  

As the global health crisis evolved, new variants of concern continued to 

emerge, further driving the pandemic [16–22]. Persistent and uncontrolled SARS-

CoV-2 replication in immunocompromised individuals could be a potential source 

of these novel viral variants [23–27]. Importantly, immunodeficiency associated 

with chronic HIV infection may enhance COVID-19 disease or facilitate the 

persistence and evolution of SARS-CoV-2. However, this relationship has yet to 

be directly addressed in a controlled setting.  

Furthermore, while systemic T cell responses are a pivotal aspect of 

immunity, the vast majority of these cells reside within peripheral tissues [28]. 

This emphasizes the importance of local immune response studies in 

understanding the broader scope of T cell immunity. The complexity of the lung’s 

vascular system, coupled with the potential for cells to reside and function within 

its network, further underscores the need to delve into tissue-specific immunity 

[29]. Studies exploring the nuanced differences between tissue-resident T cells, 

vascular-associated T cells, and circulating blood T cells can provide valuable 

insights into lung immunology. Such knowledge has direct implications for 

developing treatment strategies for conditions such as respiratory infections, 

asthma, COPD, and lung cancer. 
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This thesis is a journey through the above themes, exploring: 

1. The emergence of SARS-CoV-2 and the need for animal models that faithfully 

recapitulate all aspects of human disease, including severe COVID-19, as 

well as the intricate immune responses it elicits, particularly those involving T 

cells. For this, we focused on Pigtail macaques (PTM, Macaca nemestrina) as 

this species demonstrates a rapid and severe disease course when infected 

with simian immunodeficiency virus (SIV), a simian model of HIV infection. 

Notably, PTMs manifest severe cardiovascular symptoms similar to those 

observed in humans with COVID-19. Thus, we hypothesized that PTMs may 

also experience severe disease if infected with SARS-CoV-2. In this study, 

we investigated a cohort of SARS-CoV-2-infected PTMs euthanized either six 

or twenty-one days after respiratory viral challenge using a combination of 

virologic, immunological, and pathological analyses. 

2. The impact of SIV and SARS-CoV-2 coinfection. Here we hypothesized that 

SIV-induced immunodeficiency and consequent loss of CD4+ T cells would 

facilitate COVID-19 disease progression, viral persistence, and the evolution 

of novel viral variants. To this end, we conducted a small pilot study in which 

we exposed two PTMs chronically infected with SIVmac239 to SARS-CoV-2 

and monitored them for six weeks for viral replication, viral evolution, and 

clinical disease. We compared these outcomes with those observed in the 

SIV-naive PTMs infected with SARS-CoV-2 from our first project and 

examined the impacts of immunodeficiency on the host’s response to SARS-

CoV-2, including the impacts on adaptive immune responses. 
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3. The complexities of pulmonary immunity, focusing on T cell dynamics within 

the lung vasculature, an often-overlooked aspect of immunity. For this, we 

utilized intravascular staining (ivs), an innovative technique used to 

distinguish tissue-resident cells from those within the vasculature. This 

method is especially valuable for highly vascularized organs such as the 

lungs. Traditionally, cells that stain positive for the infusion antibody (ivs+) 

were deemed “blood contaminants.” However, new research is beginning to 

call this into question [30]. Our study aimed to elucidate the distinct 

characteristics and functions of ivs+ T cells in the pulmonary vasculature. 

Utilizing ivs, we analyzed T cells from the lungs and respiratory mucosa of 

Rhesus Macaques (RhM) via flow cytometry and single-cell RNA sequencing 

(scRNAseq).  

  

Each chapter dives into the specific details, with methodologies and 

analyses, to shed light on these topics, providing valuable insights into T cell 

dynamics.  
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Background 

Danish physician Peter Ludwig Panum initially identified the concept of 

immunological memory, a cornerstone of adaptive immunity, during his 1846 visit 

to the Faroe Islands [31]. Panum observed that survivors of the 1781 measles 

outbreak were unaffected by a subsequent outbreak 64 years later [32]. Whereas 

younger individuals and those unexposed during the first outbreak fell ill. Today, 

the science of immunology attributes such lasting immunity to memory T and B 

cells. 

 

T cell Background 

T Cell Activation and Differentiation 

With the advent of major histocompatibility complex class I (MHC-I) 

tetramer technology, a deeper understanding of T cell differentiation during acute 

infections was made possible [31,33,34]. This differentiation can be categorized 

into three primary stages: 

• Clonal Expansion: Following infection, specific T cells recognizing viral or 

bacterial epitopes become activated and undergo rapid proliferation [34,35]. 

This expansion phase is influenced by several factors, including the nature of 

the antigen and the cytokine cues in the local milieu.  
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• Contraction: Post-neutralization of the pathogen, a vast majority of T cells die 

by apoptosis, leaving behind a select population of antigen-experienced T 

cells that mature into memory cells (TMEM) [36,37]. 

• Memory Formation: The residual cells differentiate into long-lived TMEM cells, 

which stand guard against potential future encounters, ensuring rapid 

responses upon repeat exposure [35]. 

 

Naïve T cells recognize cognate antigens only when presented by self 

MHC-I (to CD8+ T cells) or MHC-II (to CD4+ T cells) molecules to the T cell 

receptor (TCR) [38–40]. Effective T cell activation requires multiple stimuli for 

differentiation, with cues from the TCR, co-stimulation, particularly involving B7 

expressed on antigen-presenting cells (APCs) and CD28 on T cells, and a third 

signal from cytokines, all tailored to respond to the invading pathogen. Upon 

activation, T cells undergo differentiation and rapidly proliferate in a largely 

antigen-independent manner [41–45]. The type of pathogen presented drives the 

differentiation process, leading to the formation of cytotoxic T lymphocytes 

(CTLs, CD8+ T cells) or helper T cells (Th, CD4+ T cells) [39,40,46].  

 

Memory Formation 

Post-infection, as the immune response subsides, the population of 

effector T cells contracts, leaving a small subset to differentiate into TMEM cells 

(~5-10%) [47,48]. These TMEM cells maintain a rapid and robust antigen-specific 

recall response throughout the life of the host [33]. Consisting of a diverse group, 
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TMEM cells are characterized by distinct transcriptional profiles and protein 

expression, underpinning their various functionalities and localizations [49]. TMEM 

are typically categorized into three primary subsets: central memory (TCM), 

effector memory (TEM), and tissue-resident memory T cells (TRM) [50–52]. 

However, the growing recognition of their heterogeneous nature implies that 

creating strict, well-defined subsets may not be the most accurate approach.  

 

Journey of Naïve T Cells 

Naïve T cells (TN) continuously migrate from the blood into lymph nodes 

(LN) and other secondary lymphoid organs (SLO) in search of cognate antigen 

[53]. Using CD62L and CCR7, TN cells enter LNs via high endothelial venules 

(HEVs) [54,55]. If they fail to encounter their cognate antigen, TN cells re-enter 

the bloodstream via the thoracic duct lymph (TDL), ready to explore another LN 

[56]. Encounter with cognate antigen induces proliferation and differentiation of 

TN cells into effector T (TEFF) cells. These newly differentiated effector T cells 

egress from the LNs and migrate toward peripheral tissues, where they carry out 

their specialized immune functions [57].  

 

Migration Patterns of Memory T Cells 

 TMEM cells, with their diverse subsets, exhibit distinct patterns of cellular 

migration. TCM cells maintain expression of CCR7 and CD62L, allowing them to 

traffic between the bloodstream and secondary lymphoid organs (SLO), similar to 

TN, ensuring constant surveillance within these sites [53]. In contrast, TEM cells, 
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lack the expression of these surface antigens and are thereby excluded from 

SLO [51,54]. Instead, they predominantly circulate between the bloodstream and 

non-lymphoid tissues. TRM cells are non-circulating and reside in nearly all 

tissues. TRM are characterized by their specialized ability to coordinate rapid 

recall responses as well as maintain homeostasis within the local environment 

[58–60].  

 

Guidance for T Cell Migration 

The migratory path of T cells is regulated by a series of molecular 

interactions guided by cytokine-induced expression and presentation of 

chemokines and cell adhesion molecules (CAMs) on endothelial cells [61–67]. 

Other important players include selectins, a class of glycoproteins, including L-

selectins, expressed on immune cells as well as E- and P-selectins, expressed 

on endothelial cells [68]. Selectins recognize and bind specific carbohydrate 

ligands, initiating the primary step of lymphocytes rolling on vascular surfaces. 

Integrins, including LFA-1, MAC-1, and VLA-4, present on the surface of immune 

cells, are crucial for guiding T cell migration [69]. By recognizing and interacting 

with specific cell adhesion ligands such as ICAM-1, V-CAM-1, and MadCAM-1 

that are differentially expressed on vascular endothelial cells of various tissues, 

lymphocytes adhere to and navigate specific routes [69].  
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Translocation Dynamics 

Leukocyte translocation into tissues follows a well-organized sequential 

pattern. Beginning with rolling and tethering, facilitated by selectin-ligand 

interactions, T cells gently roll along the endothelial layer (step 1) [69,70]. This 

allows chemokine receptors on the cell surface to come into close contact with 

endothelial chemokines. Upon this interaction, chemokines induce the 

expression and clustering of integrins (step 2), leading to a strong adhesion and 

firm arrest of T cells to the vascular endothelium (step 3) [71,72]. Lymphocytes 

then undergo actin-driven spreading, polarization, and migration over the 

endothelium surface mediated by integrin and cell adhesion interactions allowing 

cells to scout for “hot spots” or sites along the endothelium that are permissive to 

penetration (step 4) [73–75]. This then sets the stage for diapedesis, wherein 

leukocytes transverse the endothelial barrier either between cells (paracellular 

migration) or directly through endothelial cells (transcellular migration) to infiltrate 

the tissues (step 5) [62,76]. Penetration into the tissues is mediated by integrins 

and CAMs, along with other adhesion molecules like CD99, PECAM-1, and JAM-

1 [77]. Upon entering the tissues, T cells follow a chemokine gradient to the site 

of inflammation.  

 

T cell Trafficking to the Lung 

Though the migration pattern described above is generally observed 

across most tissues, there are exceptions, particularly in the lungs and liver 

[78,79]. In these highly vascularized organs, lymphocyte trafficking frequently 
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occurs in a rolling independent manner, with extravasation at the capillaries. 

Additionally, lymphocyte subsets have been observed patrolling the endothelium 

without necessarily entering into the tissues [61,80,81]. The lung's complex 

vascular system, comprising both bronchial and pulmonary arteries, provides two 

main routes for leukocyte trafficking: the microvasculature of the tracheobronchial 

tree and the alveolar capillaries in the lung parenchyma [82]. Another often 

overlooked vascular system in the lungs, the perivascular bed found surrounding 

larger pulmonary arteries, may provide a third route for trafficking [29,83]. A 

murine study of CD8+ TEFF trafficking to the lungs showed that T cell retention in 

the pulmonary vasculature was dependent in part by T cell expression of the 

integrin LFA-1, a heterodimer of CD11a/ITGAL + CD18/ITGB2 [84]. 

 

SARS-CoV-2 Background 

Severe Acute Respiratory Syndrome Coronavirus-2 (SARS-CoV-2) 

In late 2019, the city of Wuhan, China, became the epicenter of an 

outbreak caused by a novel coronavirus (CoV). This virus, named SARS-CoV-2, 

for its genomic similarities to the 2003 [85] severe acute respiratory syndrome 

coronavirus (SARS-CoV) and several bat sarbecoviruses [86], is responsible for 

the worldwide COVID-19 pandemic. SARS-CoV-2, a Betacoronavirus (βCoV), is 

a member of the Orthocoronavirinae subfamily within the Coronaviridae family 

and the Nidovirales order [87]. Among the seven coronaviruses known to infect 

humans, MERS-CoV, SARS-CoV, and SARS-CoV-2 are linked to severe disease 

[88–90]. In contrast, the other four CoVs ⎯ Alphacoronaviruses (⍺CoVs) HCoV-
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229E and HCoV-NL63 and βCoVs HCoV-OC43 and HCoV-HKU1 ⎯	are 

widespread and typically cause mild, self-limiting upper respiratory infections. It is 

estimated that over 90% of adults have been exposed to these milder strains 

[91]. 

SARS-CoV-2 is an enveloped, positive-sense, single-stranded RNA virus 

with an extensive genome of nearly 30,000 nucleotides [92]. SARS-CoV-2 shares 

a similar genomic structure to other βCoVs with six open reading frames (ORFs) 

coding for functional proteins and potentially seven ORFs that code for accessory 

proteins [93]. Although the actual number of accessory ORFs is still being 

debated. Ordered 5’ to 3’, ORF1a/ORF1b code for replicase, followed by 

structural proteins, spike (S), envelope (E), membrane (M), and nucleocapsid (N) 

located at the 3’ end of the viral genome [94].   

Similar to SARS-CoV, SARS-CoV-2 utilizes surface angiotensin-converting 

enzyme 2 (ACE2), found on epithelial cells within the human respiratory and 

gastrointestinal tract, for cell entry [95]. The receptor binding domain (RBD), 

located in the S1-C terminal domain of the spike protein, mediates viral fusion 

with the host cell and serves as a target for neutralizing antibodies [96]. Host 

proteases, including transmembrane protease serine protease 2 (TMPRSS2), 

cathepsin L, and furin, activate SARS-CoV-2 by cleaving the S protein, allowing 

for entry into host cells. Viral replication occurs in host epithelial cells in the upper 

respiratory tract. If confined here, patients generally experience no or mild 

symptoms such as cough, sore throat, fever, and malaise [97–99]. If SARS-CoV-

2 spreads to the lower airways and lung alveolar epithelial cells, patients can 
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develop more severe symptoms such as pneumonia. In a subset of individuals, 

this progression can trigger an intense immune response, leading to cytokine 

storm syndrome, acute respiratory distress syndrome (ARDS), disseminated 

intravascular coagulation (DIC), and pulmonary embolism [100]. 

 

T cells in COVID-19 

 Given the pivotal role of cellular immunity in defending multicellular 

organisms and the historical co-existence of coronaviruses with humans, it is no 

surprise that numerous studies have demonstrated the importance of T cells in 

defending against SARS-CoV-2 [101]. During acute infection, the initial viral load 

and the effectiveness of the innate immune response, primarily driven by type I 

interferons (IFN-⍺, IFN-β, IFN-௰), profoundly influence the subsequent adaptive 

immune response as well as overall clinical outcome [102,103]. While the innate 

response is vital for managing disease, a coordinated T cell response may be 

equally important. In the initial week of symptom onset, successful viral clearance 

and milder disease manifestations are closely correlated with the rapid 

development of cytotoxic CD8+ T cell responses [104]. Moreover, a positive 

clinical outcome in acute COVID-19 is often linked to high levels of CD8+ T cell 

effector molecules. However, overactivation can be detrimental, with extremely 

high T cell activation corresponding to adverse clinical outcomes. CD4+ T cells 

are also important in viral control. A type I CD4+ response frequently corresponds 

with efficient viral clearance, whereas a type 2 phenotype is often observed in 

severe disease. In contrast to symptomatic cases, which tend towards 
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inflammatory cytokine responses, virus-specific T cell responses in asymptomatic 

infections maintain a balance between anti-inflammatory (IL-10) and 

inflammatory cytokine production [105,106].  

 

Memory T cells in COVID-19 

 With its broad genetic blueprint, SARS-CoV-2 encompasses over 1,400 

potential T cell epitopes. Infection elicits virus-specific central and effector 

memory CD4+ TMEM cells. These cells, representing approximately 0.5% of the 

CD4+ T cell pool, target ~19 viral epitopes [107,108]. Exhibiting a polyfunctional 

phenotype, they are characterized by heightened IL-2 expression, albeit reduced 

IFN-y responses compared to other respiratory infections [107,109]. 

Development of expanded populations of cytotoxic CD4+ and CD8+ T cells at 

four weeks post-infection have been identified, although, cytotoxic CD4+ T cells 

do not appear to be a major factor in the memory recall response [110]. A recent 

study found that activated cytotoxic CD4+ T cells were elevated in the blood of 

critical patients and suggested that these cytotoxic CD4s may contribute to host 

cell-mediated tissue damage [111]. Infection also induces the development of 

CD8+ TMEM cells, which target ~17 viral epitopes, and make up around 0.2% of 

the CD8+ T cell repertoire [107,108]. Although there is considerable 

heterogeneity among individuals, the extensive scope of T cell specificity 

between CD4+ and CD8+ T cells is encouraging, implying that viral evolution 

may not enable SARS-CoV-2 to completely escape T cell recognition [101].  
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As mentioned above, the vast majority of T cells are housed within tissues 

acting as sentinels against repeat invaders. Notably, the presence of SARS-CoV-

2 TRM in the airways is associated with improved clinical outcomes. Their 

detection several months post-infection hints at their potential to limit disease 

severity upon reinfection [105,112].  

 

Vaccination and T cells 

The introduction of COVID-19 vaccines has greatly transformed the battle 

against the pandemic. Primarily designed to deliver spike protein, these vaccines 

induce robust antibody responses. Although most studies focus on humoral 

immunity, it is significant to note that vaccination also elicits spike-specific T cell 

responses [113,114]. COVID-19 vaccines have demonstrated pronounced 

efficacy in preventing severe disease. However, their overall inability to provide 

sterilizing immunity is suggestive of the limited capacity of antibodies to block 

initial infection. This, along with the occurrence of breakthrough infections due to 

variants of concern (VOCs), which have the ability to evade humoral but cannot 

easily escape cellular responses, further underscores the potential role of virus-

specific T cells in controlling disease progression and preventing extensive tissue 

damage [101,114]. 
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HIV Background 

Human Immunodeficiency Virus (HIV) 

 Throughout the 1900s, it is believed that HIV transmitted sporadically from 

non-human primates (NHPs) to humans, but it was not until 1983 that it was 

officially identified as the causative agent of acquired immunodeficiency 

syndrome (AIDS) [115–118]. A major cause of morbidity and mortality worldwide, 

nearly 40 million people are currently living with HIV (PLWH), the majority 

residing in sub-Saharan Africa [119] (https://www.who.int/news-room/fact-

sheets/detail/hiv-aids).  

 HIV belongs to the Lentivirus genus under the Retroviridae family and can 

be divided into two main types: HIV-1 and HIV-2. HIV-1 is the primary driver of 

AIDS globally, whereas HIV-2 is predominantly found in specific regions of 

Western and Central Africa. Typical of lentiviruses, HIV infections have a chronic 

slow progression of disease with a period of latency and low levels of persistent 

viral replication [120]. Structurally, the HIV genome contains two identical single-

stranded positive-sense RNA molecules coated in nucleocapsid proteins 

[121,122]. This ribonucleoprotein complex is encased in a capsid along with 

proteins such as protease, integrase, and reverse transcriptase and is 

surrounded by a lipid bilayer embedded with gp120 and gp41 glycoprotein 

trimers [122]. 

 

 

 

https://www.who.int/news-room/fact-sheets/detail/hiv-aids
https://www.who.int/news-room/fact-sheets/detail/hiv-aids
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HIV Infection 

Entry of HIV into target cells is mediated through interactions between 

viral envelope proteins, gp120 and gp41, and the host cell’s CD4 receptor,  

facilitated by co-receptors CXCR4 and CCR5 [123,124]. Once inside, reverse 

transcriptase synthesizes a double-stranded DNA copy of the viral RNA genome, 

which is then transported into the nucleus and, through integrase activity, 

inserted into the host genome. The integrated provirus remains for the life of the 

cell, directing the synthesis of essential viral proteins and RNAs necessary for 

the generation of new viral particles [125]. 

 Transmission of HIV primarily occurs via infected bodily fluids through 

unprotected sexual contact, unscreened blood transfusions, intravenous drug 

use, and maternal transmission during childbirth or breastfeeding [126]. During a 

typical infection, HIV first targets CD4+ T cells within the mucosal tissues before 

proliferating and spreading through the lymphoid system. Infection progresses 

from an acute phase, where symptoms appear roughly two to four weeks after 

exposure, to a chronic phase. Initially, during the acute phase of infection, 

symptoms resemble that of the flu with fever, fatigue, rash, sore throat, and 

swollen lymph nodes [127]. Viral levels peak during the acute phase and then 

stabilize, leading to a prolonged period of asymptomatic infection where viremia 

levels reach a set-point and become relatively stable, often for years. As the 

disease progresses and the number of CD4+ T cells declines, patients become 

vulnerable to opportunistic infections. A typical adult’s CD4+ T cell count ranges 

from 500 to 1,200 cells/µL. As CD4+ T cell counts fall below 200 cells/µL, 
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opportunistic infections, such as Mycobacterium avium and Pneumocystis 

pneumonia, are common. Advanced stages of AIDS ultimately lead to death of 

the patient [127].  

 

T cells and HIV/SIV 

As indicated above, HIV primarily targets CD4+ T cells, leading to cell loss 

and a weakening of the immune system leading to long-term chronic 

inflammation and an eventual progression to AIDS [128,129]. CD4+ T cells are 

pivotal in adaptive immunity, providing “help” by stimulating other immune cells 

such as CD8+ T cells, dendritic cells, and monocytes/macrophages, as well as 

aiding in B cell antibody production. HIV has a profound effect on CD4+ T cells in 

gut-associated lymphoid tissues (GALT) [130]. Rapid loss of CD4+ T cells in the 

gut causes a disruption of mucosal barriers, leading to microbial translocation 

and systemic inflammation. As the CD4+ T cell population is depleted, loss of 

virus-specific memory CD4+ T cells allows for reactivation of latent viruses, such 

as Epstein Barr or Cytomegalovirus, further straining the immune system [131].  

Though CD8+ T cells play a pivotal role during acute HIV infection by 

targeting and eliminating virus-infected cells, they are unable to completely clear 

the virus [132]. Reasons for this include the rapid loss of CD4+ T cell “help”, viral 

mutations that allow HIV to evade CD8+ T cell responses, the ability for HIV to 

downregulate MHC-I expression on infected cells, as well as persistent 

inflammation [132–136]. Despite their reduced efficacy, CD8+ T cells remain 

crucial in suppressing viral replication during acute and chronic HIV, as 
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demonstrated in NHP studies involving SIV. These studies show that depletion of 

CD8+ T cells, either prior to exposure or during chronic SIV/SHIV (SIV/HIV) 

infection, results in a substantial increase in plasma viral loads [137,138]. 

 

In the subsequent chapters, we will explore the diverse roles of T cells in 

infectious disease, with a spotlight on pulmonary immunology. We will delve into 

key aspects of SARS-CoV-2 infection, including coinfection with SIV, 

emphasizing the importance of understanding local immune responses within 

complex organ systems such as the lung. Through these investigations, we aim 

to set a foundation for future research and help inform effective strategies against 

infectious pathogens. 
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Abstract 

The novel coronavirus SARS-CoV-2, the causative agent of COVID-19 

disease, has killed over five million people worldwide as of December 2021 with 

infections rising again due to the emergence of highly transmissible variants. 

Animal models that faithfully recapitulate human disease are critical for assessing 

SARS-CoV-2 viral and immune dynamics, for understanding mechanisms of 

disease, and for testing vaccines and therapeutics. Pigtail macaques (PTM, 

Macaca nemestrina) demonstrate a rapid and severe disease course when 

infected with simian immunodeficiency virus (SIV), including the development of 

severe cardiovascular symptoms that are pertinent to COVID-19 manifestations 

in humans. We thus proposed this species may likewise exhibit severe COVID-

19 disease upon infection with SARS-CoV-2. Here, we extensively studied a 

cohort of SARS-CoV-2-infected PTM euthanized either 6- or 21-days after 

respiratory viral challenge. We show that PTM demonstrate largely mild-to-

moderate COVID-19 disease. Pulmonary infiltrates were dominated by T cells, 

including CD4+ T cells that upregulate CD8 and express cytotoxic molecules, as 
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well as virus-targeting T cells that were predominantly CD4+. We also noted 

increases in inflammatory and coagulation markers in blood, pulmonary 

pathologic lesions, and the development of neutralizing antibodies. Together, our 

data demonstrate that SARS-CoV-2 infection of PTM recapitulates important 

features of COVID-19 and reveals new immune and viral dynamics and thus may 

serve as a useful animal model for studying pathogenesis and testing vaccines 

and therapeutics. 

 

Author Summary 

The COVID-19 pandemic has claimed the lives of millions in a span of 

less than two years. Despite the development of several highly effective 

vaccines, many millions remain unvaccinated, and several highly transmissible 

variants have emerged, clearly suggesting the need for new approaches to treat 

those that become severely ill. The development of new drugs will rely on having 

animal models that reproduce the most severe disease seen in humans. To date, 

nonhuman primate models have not exhibited this severe disease. In this study 

we tested whether pigtail macaques (PTM) might exhibit such severe disease, 

based on previous work showing this species is prone to more rapid and severe 

disease when infected with other viruses.  

 

Introduction 

In late 2019, a novel coronavirus was found circulating in humans in 

China. This virus showed substantial genomic similarities with the severe acute 
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respiratory syndrome coronavirus (SARS-CoV) that caused an outbreak and 

panic in 2003 [1] in addition to a number of bat sarbecoviruses [2]; hence, it was 

named SARS-CoV-2 [3]. SARS-CoV-2 is the causative agent of COVID-19 

disease and a worldwide pandemic that has killed more than five million persons 

to date including 790,000 deaths in the United States. Though most infected 

individuals exhibit no or mild symptoms, a subset experience severe 

complications, including highly elevated pro-inflammatory cytokines and 

coagulation biomarkers, acute respiratory distress syndrome (ARDS), and death 

[4–9]. Most available data suggest that the intensity of the immune response 

plays a role in determining COVID-19 severity and progression, with severe 

disease occurring approximately 3-to-4-weeks after initial symptoms [10,11]. 

Thus, a deep understanding of the immunopathologic mechanisms of disease in 

those with advanced disease and of viral clearance in asymptomatic infection 

and those with mild disease is critical for the development of next generation 

therapies and vaccines.  

Animal models that faithfully recapitulate human disease are needed to 

assess the roles of particular cell subsets in disease etiology [12,13]. Various 

species of nonhuman primates can be infected by SARS-CoV-2 and exhibit 

disease ranging from mild to severe [14–18]. The use of timed infections with 

well characterized viral stocks in animals with relatively high genetic similarity 

with humans allows the dissection of immune responses with nuance and detail 

not possible in humans. The most widely used species of NHP for COVID-19 

research has been the rhesus macaque (Macaca mulatta). This model has 
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proved valuable for testing vaccines as viral infection dynamics in this species 

are robust and well-studied and therefore can be compared between treatment 

groups [19]. However, SARS-CoV-2-induced disease in this species is generally 

mild and does not recapitulate the more severe disease seen in a subset of 

humans [16]. Thus, multiple NHP models are needed to capture the spectrum of 

disease seen in humans. In this study, we infected pigtail macaques (PTM, 

Macaca nemestrina) with SARS-CoV-2 (WA1/2020 isolate) to assess this novel 

animal model of COVID-19 disease.  

PTM are a unique and valuable animal model for other viral diseases. 

Simian immunodeficiency virus (SIV) infection of rhesus macaques (RhM) is the 

most widely used nonhuman primate (NHP) model of HIV/AIDS and is used 

widely for testing vaccines and cure strategies [20]. However, SIV-associated 

disease in RhM can take up to several years to develop, somewhat limiting their 

use for studying disease mechanisms. In contrast, infection of PTM with the 

same viral isolates leads to rapid disease development with enhanced 

cardiovascular manifestations relative to RhM, which is of particular relevance to 

COVID-19 disease [21–24]. Thus, we proposed that SARS-CoV-2 infection of 

PTM may likewise lead to accelerated COVID-19 disease or demonstrate 

immune features of disease not detected in other animal models. If so, this 

species will be valuable for assessing COVID-19 disease mechanisms and for 

testing novel vaccines and therapeutics.  We tracked viral and immune dynamics 

through the course of infection in a cohort of PTM. We found that disease in this 

model largely mirrored that observed in RhM but with unique immune features, 
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such as pulmonary infiltration of CD4+ T cells that exhibit antiviral and cytotoxic 

functions, as is seen in COVID-19 patients [25]. Together, our data characterize, 

in depth, a novel animal model that may prove useful for assessing moderate 

COVID-19 disease mechanisms and testing new therapeutics.  

 

Materials and Methods 

Ethics Statement 

Pigtail macaques used in this study were purpose bred at the University of 

Washington National Primate Research Center for experiments. Macaques were 

housed in compliance with the NRC Guide for the Care and Use of Laboratory 

Animals and the Animal Welfare Act. Animal experiments were approved by the 

Institutional Animal Care and Use Committee of Tulane University (protocol 

P0451). The Tulane National Primate Research Center (TNPRC) is fully 

accredited by AAALAC International, Animal Welfare Assurance No. A3180-01.  

During the study, animals were singly housed indoors in climate-controlled 

conditions with a 12/12-light/dark cycle. All the animals on this study were 

monitored twice daily to ensure their welfare. Any abnormalities, including those 

of appetite, stool, and behavior, were recorded and reported to a veterinarian. 

The animals were fed commercially prepared nonhuman primate diet twice daily. 

Supplemental foods were provided in the form of fruit, vegetables, and foraging 

items as part of the TNPRC environmental enrichment program. Water was 

available ad libitum through an automatic watering system. The TNPRC 

environmental enrichment program is reviewed and approved by the IACUC 
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semi-annually. Veterinarians in the TNPRC Division of Veterinary Medicine have 

established procedures to minimize pain and distress using several approaches. 

Animals were anesthetized with ketamine-HCl (10 mg/kg) or 

tiletamine/zolazepam (3-8 mg/kg) prior to all procedures. Preemptive and post 

procedural analgesia (buprenorphine 0.01 mg/kg or buprenorphine sustained-

release 0.2 mg/kg SQ) was used for procedures that would likely cause more 

than momentary pain or distress in humans undergoing the same procedures. 

The above listed anesthetics and analgesics were used to minimize pain and 

distress in accordance with the recommendations of the Weatherall Report. The 

animals were euthanized at the end of the study using methods consistent with 

recommendations of the American Veterinary Medical Association (AVMA) Panel 

on euthanasia and per the recommendations of the IACUC. Specifically, the 

animals were anesthetized with tiletamine/zolazepam (8 mg/kg IM) and given 

buprenorphine (0.01 mg/kg IM) followed by an overdose of pentobarbital sodium. 

Death was confirmed using auscultation to confirm the cessation of respiratory 

and circulatory functions and by the lack of corneal reflexes. 

 

Animal cohort, viral inoculations, and procedures 

Four male pigtail macaques (PTM), between the ages of 5 and 6 years old 

(Table 1, Fig 1A and S1 Table), were exposed to 1x106 TCID50 of SARS-CoV-2 

USA WA1/2020 (World Reference Center for Emerging Viruses and Arboviruses, 

Galveston, TX) through both intranasal and intratracheal inoculation. The viral 

stock was sequenced and determined to have no mutations at greater than 5% of 
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reads that differed from the original patient isolate. Pre- and post-exposure 

samples included blood, bronchoalveolar lavage (BAL), and mucosal swabs 

(nasal, pharyngeal, rectal, and bronchial brush). Physical examination and 

imaging (radiography S1 Fig) were conducted before viral exposure and weekly 

after exposure. Animals were monitored for 6 (n=2) or 21 (n=2) days before 

euthanasia and tissue harvest. At necropsy, samples from each of the major lung 

lobes (left and right, cranial, middle, and caudal lobes) were collected in TRIzol 

(Invitrogen, Lithuania) and fresh frozen at -80°C. The remainder of the lung lobes 

were infused and then immersed in formalin fixative. The rest of the necropsy 

was performed routinely with collection of tissues from all major organs in DMEM 

media, fresh frozen, or in formalin fixative. 

Animal ID Sex Age (y) Weight (kg) 

MA27 Male 6.07 7.55 
MA30 Male 5.61 5.80 
MA24 Male 5.64 8.40 
MA28 Male 5.81 8.60 

 
Table 1.1 PTM cohort used in this study, including sex, age, and weight at the 
time of SARS-CoV-2 inoculation.  
 

 

Isolation of Viral RNA 

The Quick-RNA Viral Kit (Zymo Research, Irvine, CA) was used to isolate 

viral RNA (vRNA) from mucosal swab and bronchial brush samples collected in 

200 µL DNA/RNA Shield 1X (Zymo Research, Irvine, CA) following the 

manufacturer’s protocol. Briefly, 400 µL DNA/RNA viral buffer was added to the 

swab samples. In a modification to the manufacturer’s protocol, swabs were 
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transferred directly to the Zymo spin column for centrifugation. The vRNA was 

eluted in 50 µL elution buffer. 

 

Viral RNA Quantification by Quantitative Real-Time PCR 

Quantification of viral RNA was performed as described [26] using the 

CDC N1 primers/probe for quantification of total viral RNA and with 

primers/probe specific for the nucleocapsid subgenomic RNA to provide an 

estimate of replicating virus. Specifically, vRNA was quantified using the 

QuantStudio 6 Real-Time PCR System (Applied Biosystems, Waltham, MA). Five 

microliters vRNA was added in duplicate to a 0.1 mL 96-well MicroAmp fast 

optical reaction plate (Applied Biosystems, REF# 4346906). For genomic vRNA 

quantification, the 2019-nCoV RUO Kit (Integrated DNA Technologies, Coralville, 

IA) was used, according to the manufacturer’s protocol, to target the N1 amplicon 

of the N gene along with TaqPath 1-Step RT-qPCR Master Mix (Applied 

Biosystems Waltham, MA). For the subgenomic assay, a forward primer 

targeting the subgenomic leader sequence and a reverse primer/probe 

(Integrated DNA Technologies, Waltham, MA) designed to target the N gene, 

was used along with the TaqPath Master Mix mentioned above. Fifteen 

microliters of the respective master mix were added to each well and run using 

the following conditions: 25°C for 2 minutes, 50°C for 15 minutes, 95°C for 2 

minutes followed by 40 cycles of 95°C for 3 seconds and 60°C for 30 seconds. In 

vitro transcribed RNA was quantified and diluted to known copy numbers and 

used to generate the genomic and subgenomic standard curves. Both genomic 
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and subgenomic viral copy numbers were calculated by plotting Cq values from 

unknown samples against the respective standard curve.  Positive, negative, and 

non-template controls were analyzed along with each set of samples. 

 

Isolation of PBMCs 

Peripheral blood mononuclear cells (PBMCs) were isolated from whole 

blood using SepMate-50 Isolation tubes (Stem Cell Technologies, Vancouver, 

Canada) per the manufacturer’s protocol. Cells were counted using a Cellometer 

Auto 2000 (Nexcelom, Lawrence, MA), resuspended in Bambanker cell freezing 

medium (GC Lymphotec, Tokyo, Japan) at approximately 1x107 cells/mL and 

cryopreserved at -80°C.  

 

ELISA assays 

D-dimer levels in sodium citrate plasma samples were measured via an 

enzyme-linked immunosorbent assay (ELISA) (Ray Biotech, Peachtree Corners, 

GA) per the manufacturer’s protocol. Samples were diluted 600,000-fold and 

plated in duplicate. IL-4 levels in plasma samples were measured using a 

Monkey IL-4 ELISA kit (abcam, Boston, MA) per the manufacturer’s protocol. 

Plasma samples were diluted 1:2 and assayed in duplicate along with two 

replicates of undiluted sample. In modification to the manufacturer’s protocol, the 

standard/sample incubation time was increased to 2.5 hours. Plates were 

analyzed using the GloMax Explorer plate reader (Promega, Madison, WI) and 

GraphPad Prism (GraphPad Software version 9, LaJolla, California). Heatmap 
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was generated using Microsoft Excel. Data was normalized by dividing raw data 

values from Day 4, (D-dimer only) 6, 14 and 21 by the baseline value for each 

animal. 

Kynurenine and tryptophan levels in plasma were measured using 

commercially available enzyme-linked immunosorbent assays (Rocky Mountain 

Diagnostics, Colorado Springs, CO) per the manufacturer’s protocol. The GloMax 

Explorer plate reader (Promega, Madison, WI) along with GraphPad Prism v9 

were used to analyze the plates. 

 

Quantification of Inflammatory Cytokines and Coagulation Biomarkers  

BioLegend’s bead-based immunosorbent assays were used to measure 

inflammatory cytokines in serum (LegendPlex NHP Inflammation Panel, 

BioLegend, San Diego, CA) and coagulation biomarkers in sodium citrate plasma 

(LegendPlex Human Fibrinolysis Panel). Serum and plasma samples were 

diluted 4-fold and 10,000-fold, respectively, and assayed in duplicate. Results 

were read using a MacsQuant 16 Flow Cytometer (Miltenyi Biotec) and 

LegendPlex’s online data analysis tool (Qognit). Heatmap was generated using 

Microsoft Excel. Data was normalized by dividing raw data values from Day 6, 14 

and 21 by the baseline value for each animal. 

 

Flow Cytometry Analysis 

Phenotypic and intracellular cytokine analyses of mononuclear cells 

(MNC) isolated from blood and bronchoalveolar lavage (BAL) were performed 
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using antibodies against markers listed in S2, S3, and S4 Tables. Briefly, cells 

were washed and counted with the Cellometer Auto 2000 (Nexcelom Bioscience, 

Lawrence, MA). Cells were then pelleted and resuspended in Live/Dead stain 

cocktail (50 µL PBS + 0.5 µL live/dead stain per test) (Fixable Aqua Dead Cell 

Stain Kit, Invitrogen, Lithuania) and incubated in the dark for 20 minutes. Cells 

were washed in PBS supplemented with 2% FBS, pelleted, resuspended, and 

incubated in surface-stain cocktail consisting of 50 µL BD Horizon Brilliant Violet 

Stain Buffer (BD Bioscience, Franklin Lakes, NJ) plus antibodies (see S2, S3, 

and S4 Tables) for 20 minutes in the dark. Cells were washed in PBS with 2% 

FBS, pelleted, then resuspended in 200 µL BD Cytofix/Cytoperm solution (BD 

Biosciences, Franklin Lakes, NJ) and incubated in the dark for 20 minutes. Cells 

were washed in 1x BD Perm/Wash Buffer (BD Biosciences, Franklin Lakes, NJ), 

pelleted, and resuspended in intracellular-staining cocktail consisting of 100 µL 

1x BD Perm/Wash Buffer plus antibodies according to S2, S3, and S4 Tables 

and incubated for 20 minutes in the dark. Finally, cells were washed, pelleted, 

and resuspended in 200 µL 1x BD Stabilizing Fixative (BD Biosciences, Franklin 

Lakes, NJ). 

 

Monocyte Cytokine Expression 

To measure monocyte cytokine expression, MNCs from blood and BAL 

were washed and counted (Cellometer Auto 2000, Nexcelom Bioscience, 

Lawrence, MA), pelleted, and then resuspended in DMEM (Gibco, Grand Island, 

NY) with 5% Anti-Anti (Gibco, Grand Island, NY) at 1x106 cells/mL. Cells were 
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stimulated with lipopolysaccharide at 10 ng/mL (Sigma, St Louis, MO) and 

incubated with 1 µL/mL Brefeldin-A (BioLegend, San Diego, CA) for 4-6 hours at 

37°C, 5% CO2. Cells were then stained following the procedure described above 

with antibodies listed in the Monocyte Panel (S2 Table). 

 

T cell Cytokine Expression  

MNCs from blood and BAL were counted, washed, pelleted, and 

resuspended in DMEM with 5% Anti-Anti at 1x106 cells/mL. T cell cytokine 

expression was measured by stimulating MNCs with cell stimulation cocktail 

(Biolegend, San Diego, CA) for 4-6 hours at 37°C, 5% CO2. To measure T cell 

responses to SARS-CoV-2 antigens, MNCs from blood and BAL were washed, 

pelleted and resuspended in DMEM with 5% Anti-Anti and 10% FBS at 1x106 

cells/mL followed by overnight stimulation at 37°C, 5% CO2 with either cell 

stimulation cocktail or with one of the following viral peptide pools obtained 

through BEI Resources, NIAID, NIH: Peptide Array, SARS Coronavirus 

Nucleocapsid Protein (NR-52419), Spike Glycoprotein (NR-52402), Membrane 

Protein (NR-53822), or Envelope Protein (NR-53822) along with Brefeldin-A (S5 

Table). Cells were stained as described above using the antibodies listed in the T 

cell panel (S4 Table).  

All samples were acquired on a LSRFortessa Cell Analyzer (BD 

Biosciences, Franklin Lakes, NJ) using BD FACSDIVA 8.0.1 software. 

Approximately 1x106 cells were acquired from each sample. Data was analyzed 

using FlowJo version 10.7.1 for MAC (Becton Dickinson and Company, Ashland, 
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OR). SARS-CoV-2 antigen specific T cell responses (Figs 10A, 10B, and S5) 

were generated using the Matlab based tool cyt3 [27]. Data was transformed 

using arcsin 150. Cytokine expression was measured in FlowJo and, when 

applicable, applied to cyt3 generated figures. t-distributed stochastic neighbor 

embedding (tSNE) analysis was performed in FlowJo 10.7.1, nightingale rose 

plots were generated in R using the ggplot2 [28] package, radial plots were 

generated in Microsoft Excel. 

 

Histopathology and Immunohistochemistry 

Zinc-formalin fixed tissues were processed routinely, embedded in paraffin 

and cut into 5 µm sections for hematoxylin and eosin (H&E), Masson’s 

Trichrome, or immunohistochemical (IHC) staining.  

 For H&E staining, tissue samples were collected in Zinc formalin 

(Anatech, Sparks, NV) and immersion fixed for a minimum of 72 hours before 

being washed and dehydrated using a Thermo Excelsior AS processor. Upon 

removal from the processor, tissues were transferred to a Thermo Shandon 

Histocentre 3 embedding station where they were submersed in warm paraffin 

and allowed to cool into blocks. From these blocks, 5 µm sections were cut and 

mounted on charged glass slides, baked overnight at 60oC and passed through 

Xylene, graded ethanol, and double distilled water to remove paraffin and 

rehydrate tissue sections. A Leica Autostainer XL was used to complete the 

deparaffinization, rehydration and routine hematoxylin and eosin stain preparing 
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the slides for examination by a board-certified veterinary pathologist using HALO 

software (Indica Labs, Albuquerque, NM).  

 Trichrome staining was performed as previously described with the 

exception of an additional 10-minute incubation using Weigert’s Iron Hematoxylin 

Working Solution [29]. Slides were analyzed by a board-certified veterinary 

pathologist using HALO software for quantification. 

For IHC staining, tissue sections were mounted on Superfrost Plus 

Microscope slides (Fisher Scientific, Carlsbad, CA), incubated for 1 hour at 60oC, 

and passed through Xylene, graded ethanol, and double distilled water to remove 

paraffin and rehydrate tissue sections. A microwave was used for heat induced 

epitope retrieval (HIER). Slides were boiled for 20 minutes in a Tris based 

solution, pH 9 (Vector Laboratories, Burlingame, CA), supplemented with 0.01% 

Tween-20. Slides were briefly rinsed in hot, distilled water and transferred to a 

hot citrate-based solution, pH 6.0 (Vector Laboratories, Burlingame, CA) where 

they were allowed to cool to room temperature. All slide manipulation from this 

point forward was done at room temperature with incubations taking place in a 

black humidifying chamber. Once cool, slides were rinsed in tris buffered saline 

(TBS) and incubated with Background Punisher (Biocare Medical, Pacheco, CA) 

for 10 minutes. Slides were then submerged in a solution of TBS supplemented 

with 0.01% TritonX100 (TBS-TX100) and placed on a rocker platform for two 5-

minute washes followed by a TBS rinse before being returned to humidifying 

chamber to be incubated with serum free protein block (Dako, Santa Clara, CA) 

for 20 minutes. Mouse anti-Granzyme primary antibody (S6 Table) was then 
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added to the slides and allowed to bind for 60 minutes. Slides were then washed 

twice with TBS-TX100 and once with TBS. The labeling of the antibody for 

visualization was done using the MACH3 AP kit (Biocare Medical, Pacheco, CA). 

Both the MACH3 probe and polymer were incubated for 20 minutes with TBS-

TX100 and TBS washes in between. Slides were incubated with permanent red 

substrate (Dako, Santa Clara, CA) for 20 minutes and placed in TBS to halt the 

enzymatic reaction.  

All other staining was done consecutively with the following method. 

Slides were incubated with a blocking buffer comprised of 10% normal goat 

serum (NGS) and 0.02% fish skin gelatin in phosphate buffered saline (PBS) for 

40 minutes. This blocking buffer was also used to dilute both primary and 

secondary antibodies (S6 Table). Primary antibodies were added to slides for 60 

minutes. After washing two times with PBS supplemented with 0.02% fish skin 

gelatin and 0.01% TritonX100 (PBS-FSG-TX100) and once with PBS-FSG, 

slides were incubated for 40 minutes with a secondary antibody made in goat, 

raised against the primary host species, and tagged with an Alexa Fluor 

fluorochrome (488 or 568). The 3 washes (described above) were repeated 

before DAPI nuclear stain was added for 10 minutes. Slides were mounted using 

anti-quenching mounting media containing Mowiol (Sigma, St Louis, MO) and 

DABCO (Sigma, St Louis, MO) and allowed to dry overnight before imaging with 

a Axio Slide Scanner (Zeiss, Hamburg, Germany). HALO software (Indica Labs 

Albuquerque, NM) was used for quantification and analysis. 
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Detection of Neutralizing Antibodies in Serum 

Pseudovirus neutralization testing of serum samples was performed using 

a SARS-CoV-2.D614G spike-pseudotyped virus in 293/ACE2 cells, with 

neutralization assessed via reduction in luciferase activity as described [30,31]. 

 

Statistical Analysis 

GraphPad Prism (version 9 GraphPad Software, LaJolla California) was 

used for graphing and statistical analyses. The Kruskal-Wallis test and Dunn’s 

test for multiple comparisons were used to compare changes in cell frequencies 

as well as surface marker, cytokine and Granzyme B expression. The Mann-

Whitney U test for comparison of means was employed to compare viral loads 

between PTM and RhM at 1-dpi. A multiple linear regression was conducted in R 

to compare viral titers, both overall and over time, between PTM and RhM, and 

corresponding plots were created with ggplot2 [28]. 

 

Results 

Viral dynamics  

Four male pigtail macaques (PTM) inoculated with SARS-CoV-2 were 

followed via blood, mucosal swab and bronchoalveolar lavage (BAL) sampling. 

Two animals were euthanized at 6 days post infection (dpi) and two at 21 dpi (Fig 

1A). Quantitative RT- PCR was used to track viral genomic and subgenomic 

RNA through the course of the study at multiple sites. We detected both genomic 

and subgenomic SARS-CoV-2 RNA in all four animals throughout the first 
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several days of infection (Fig 1B-K). One animal, MA27, euthanized at 6-dpi, 

showed a spike in genomic and subgenomic viral RNA (sgm vRNA) at necropsy 

in the pharynx (Fig 1F and 1G), with viral levels also beginning to rise in the 

nasal cavity (Fig 1B and 1C). MA28, euthanized at 21-dpi, showed detectable 

levels of vRNA in the nasal and rectal mucosa over the course of the study (Fig 

1B and 1D). Next we performed a direct comparison of viral titers between our 

PTM and a cohort of RhM from a recent study of ours [26]. At 1-dpi, PTM have 

significantly higher titers of virus in the nasal cavity, significantly lower titers in 

pharynx and no significant difference in titers in the rectal mucosa (Fig 1L and 

1M). Comparison of viral titers over time revealed a significant difference in both 

nasal and pharyngeal sites between the two species (Fig 1N-1S). Interestingly, 

we also show a significant difference in the rate at which the genomic viral load  

decreases in the nasal mucosa. Both species show a decline in viral titers 

overtime; however, PTM experienced a significantly faster rate of decrease (Fig 

1N). The rate of change overtime in pharyngeal sgm vRNA was also found to be 

significantly different between the two species, with the rise in PTM sgm vRNA 

driven by MA27 (Fig 1R).  
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COVID-19 symptoms, pulmonary disease and pathology 

The animals in our study were monitored daily for COVID-19 symptoms 

(S1 Table). Similar to what others have noted in RhM [26], we observed mild 

COVID-19 symptoms including decreased appetite, soft stool, mild cough and 

slight increased effort breathing. We found no significant changes in body weight, 

temperature, or saturation levels of blood oxygen (S1 Fig). Thoracic radiographs 

were obtained from all animals before infection and weekly thereafter, revealing 

subtle changes consistent with interstitial pneumonia reflective of mild to 

moderate COVID-19 (S2 Fig). Postmortem examination at 6-dpi revealed mild-to-

moderate SARS-CoV-2-associated pneumonia in one of the two animals, MA27. 

The pneumonia was characterized by multifocal tan-plum areas of consolidation 

in the caudal left lung lobe (S3A Fig and S1 Table). At 21-dpi, gross lesions were 

minimal and only observed in one of two animals, MA28. The lesions noted in 

this animal were two small, flat tan foci on the dorsolateral aspect of the left 

caudal lung lobe (S3D Fig and S1 Table). Previous studies in RhM and 

Cynomolgus macaques (CyM) have demonstrated similar lung pathology with the 

RM model potentially exhibiting more severe lung lesions than CyM and PTM 

[16,32]. The PTM in our study revealed a wider range of lung pathology than that 

seen in other macaque models. Additional studies with an expanded cohort of 

PTMs may uncover key pathways of lung pathogenesis that occur with varying 

levels of disease which is representative of the variation seen in humans. 
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Histopathological findings consistent with SARS-CoV-2 associated 

pneumonia were observed in both animals at 6-dpi. Both animals had an 

interstitial pneumonia that was localized to regions of the left caudal lung. 

Regions of interstitial pneumonia were characterized by alveolar septa that were 

mild to markedly expanded by a mixture of macrophages, lymphocytes, and 

neutrophils. Alveolar septa were frequently lined by type II pneumocytes (Fig 2C 

and 2D), and alveoli contained large numbers of alveolar macrophages with rafts 

of fibrin in more severely affected areas (Fig 2A-2D).  
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 At 21-dpi, minimal-to-mild residual interstitial pulmonary inflammation was 

observed in both animals. The residual inflammation was composed of 

perivascular lymphoid aggregates along with mild thickening of alveolar septa 

(Fig 2E and 2F). The inflammatory infiltrate at this time point was composed 
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predominately of lymphocytes; however, in one animal, MA28, low numbers of 

multinucleated giant cells were present in alveoli. (Fig 2H).  

A comprehensive histopathological scoring system was designed to 

quantitatively assess pulmonary inflammation and pathogenic changes in all four 

animals at necropsy (Fig 2I and 2J). Up to seven lung sections were examined 

from each animal, one from each major lobe (left and right, upper, middle, and  

lower lobes) as well as a section of a grossly identified lung lesion (no gross 

lesion was observed in MA24). Each section of lung was manually quantified for 

the percentage of lung affected by interstitial inflammation (Fig 2I). Lesions were 

assigned a score for the interstitial inflammation based on the following scale: 0= 

0%, 1= 0-5%, 2= 5-10%, 3= 10-30%, 4= >30% (inclusive of the upper limit). We 

also quantified each section of lung for the percentage of lung affected by several 

SARS-CoV-2 induced pathologic lesions including interstitial inflammation, type II 

pneumocyte hyperplasia, pleuritis, fibrinous alveolitis, and fibrosis (Fig 2J). 

Lesions were assigned a score based on the percentage of lung affected using 

the same scale as described above. For the pulmonary pathology score shown in 

Fig 2J, the scores of all lobes (seven for 6-dpi and six for 21-dpi) were summated 

to create an aggregate score for each pathologic lesion in each animal. 

Significant inflammation and pathology were localized to gross lesions and 

specific regions of the lung (left middle and left lower). 

 To assess potential SARS-CoV-2 induced lung fibrosis we performed 

Masson’s Trichrome staining of sections from each major lung lobe (left and 

right, upper, middle, and lower lobes, Fig 2K) at necropsy. No appreciable 
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fibrosis was indicated at either 6- or 21-dpi. Overall, the SARS-CoV-2 induced 

pathology observed in our PTM model is consistent with the mild pathology seen 

in our recent studies of RhM[15,26]. 

  

Blood cytokine measures of inflammation  

We next measured a panel of cytokines in blood serum after infection. 

Fluctuations in several inflammatory cytokines, as compared to baseline, were 

found throughout the study. Interleukin-8 (IL-8), a neutrophil chemoattractant, 

was the most consistently increased cytokine at 6-dpi whereas IL-6 and IL-12-

p40 decreased in all animals at day 6 (Fig 3A). Interestingly, MA27 had a 

stronger inflammatory cytokine response at 6-dpi compared to the other three 

animals, as exemplified by increases in several cytokines, including IL-10, IFN-!, 

GM-CSF, IL-8, IL-17A, MCP-1 and most notably, TNF-⍺ and IFN-β. As stated 

previously, this animal had increasing viral loads at 6-dpi suggesting a possible 

link between the intensity of the inflammatory response and the level of 

replicating virus. Animal MA28, which exhibited consistently high genomic vRNA 

levels in both nasal and rectal swabs through 21-dpi, showed a rise IL-10, IL-1β, 

IL-12p40 and IP-10 serum levels at necropsy (21-dpi). We also measured levels 

of IL-4, an anti-inflammatory cytokine, in plasma before and after infection. The 

IL-4 concentration in our samples was below the level of detection of the assay 

and is therefore represented in the figure as no change occurring throughout the 

course of the study. 
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Markers of coagulopathy  

Complications related to coagulopathy have been reported in humans with 

severe COVID-19 disease, with highly elevated levels of D-dimers shown to be a 

particular correlate of disease severity[33,34]. To examine whether PTM 

recapitulate this phenotype, we measured multiple biomarkers of coagulation in  

blood (Fig 3B), including fibrinogen, prothrombin, factor XIII, antithrombin, 

plasminogen, and D-dimers. We found nearly universal increases in coagulation 

biomarkers in the first week of infection. Specifically, we noted increased D-dimer 

levels in all four animals at 4-dpi, with MA27 and MA28 exhibiting a greater than 

3-fold increase relative to baseline before resolving to near baseline levels. 

Interestingly, several biomarkers (prothrombin, factor XIII, antithrombin, and 

plasminogen) began to rise again at 21-dpi.  

 

Kynurenine tryptophan pathway 

Pro-inflammatory cytokines, specifically interferon gamma-# (IFN-#), 

promote the kynurenine (Kyn) pathway (KP) of tryptophan (Trp) catabolism [35]. 

Recent studies in humans hospitalized with COVID-19 suggest that the Kyn:Trp 

ratio positively correlates with disease severity [36]. We measured the Kyn:Trp 

ratio in plasma at baseline, and days 6, 14 and 21 (Figs 3C, S4A and S4B). 

Again, MA27 showed the greatest increase in the Kyn:Trp ratio at 6-dpi possibly 

providing another biomarker of the more severe disease course seen in this 

animal.  
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NK cells 

The initial immune response to SARS-CoV-2 infection involves the 

intricate interplay between the cells of the innate immune system. Natural killer 

(NK) cells are cytotoxic lymphocytes that often play a key role in the early 

defense against viral infections. Studies of hospitalized COVID-19 patients show 

that decreases in circulating NK cells correlate with disease severity [37,38]. 

Here, we measured the percentage of NK cells (defined as CD45+ CD3- HLA-

DR-/lo CD8+) in both the blood and bronchoalveolar lavage fluid (BAL) at 

baseline, and days 6-, 14-, and 21-post infection (Fig 3D and 3E). We did not find 

significant changes in peripheral NK cells in our study. However, MA28 and 

MA24 had slight increases in circulating NK cells at day 6 and day 14, 

respectively. Flow cytometry analysis of BAL indicated an increase in infiltrating 

NK cells in the lung at 6-dpi in all four animals. 

 

Neutrophil to lymphocyte ratio 

A high incidence of neutrophilia coupled with lymphocytopenia has been 

reported in COVID-19 patients [38,39]. Animals MA24, MA27, and MA28 all 

experienced neutrophilia and lymphocytopenia during the course of the study. 

However, these changes were mild, and values largely remained within normal 

limits. Pre-infection data on these cells were not available for MA30 (S1 Table). 

The neutrophil to lymphocyte ratio (NLR) has been identified as an important 

predictor of disease severity in human patients [40]. Thus we measured the NLR 

at baseline and 6-, 14- and 21-dpi. Interestingly, the highest NLR at 1- and 4-
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days post infection was noted in MA27 (Fig 3F-H). These data are consistent 

with the increasing viral titers noted at 6-dpi, the increased levels of inflammatory 

cytokines and D-dimers, as well as the elevated K:T ratio observed in MA27. 

Each potentially correlate with or contribute to the more severe lung pathology 

noted in this animal at necropsy. 

 

SARS-CoV-2 infection and macrophage pulmonary infiltration  

Fluorescent immunohistochemistry of the lung for SARS-CoV-2 nucleoprotein 

identified small clusters of SARS-CoV-2 infected cells, predominately lining the 

alveolar septa, in both animals sacrificed at 6-dpi (Fig 4A, 4B and 4E). COVID-19 

disease is commonly characterized by pulmonary infiltration of inflammatory 

immune cells [41]. Innate cells, particularly monocytes/macrophages are 

considered important mediators of disease progression [42]. At 6-dpi, the alveoli 

contained large numbers of IBA1+ macrophages (Fig 4A, 4B and 4F). By 21-dpi, 

macrophage numbers were greatly reduced and no SARS-CoV-2+ cells were 

detected in either MA24 or MA28 (Fig 4C-F).  

Flow cytometry showed increases in CD14+ CD16- classical monocytes in 

both the blood and BAL at 6-dpi (Fig 4I and 4L) and an increase in CD14+ 

CD16+ intermediate monocytes (Fig 4M) in BAL at 6-dpi. Heterogeneous 

fluctuations of circulating intermediate and CD14- CD16+ non-classical 

monocytes occurred throughout the study (Fig 4J and 4K). MA27 and MA24  
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showed increases in inflammatory cytokine, tumor necrosis factor-⍺ (TNF-⍺)-

expressing classical monocytes in the BAL at 6-dpi (Fig 4H). Interleukin-1β (IL-

1β) and IL-6 are key inflammatory cytokines involved in the pathophysiology of 

COVID-19 disease in humans [43,44]. Here, we noted increases in IL-1β 

expression in peripheral classical monocytes throughout the study (Fig 5A). As 

previously shown in Fig 3A, serum levels of the inflammatory cytokine IL-6 

remained low after SARS-CoV-2 infection. We also found that peripheral 

monocyte expression of IL-6 remained relatively stable post infection, with only 

one animal, MA24, showing an increase at days 14 and 21 as compared to day 6 

(Fig 5B). Lastly, an upward trend in neutrophil chemoattractant (IL-8+) 

expressing classical monocytes was observed throughout infection, although this 

trend was not statistically significant (Fig 5C).  
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Peripheral T cell responses 

Understanding the role of the adaptive immune response to SARS-CoV-2 

infection is a key component to the development of effective vaccines and 

treatment options for COVID-19. Using flow cytometry, we measured changes to 

T cell populations in both the blood and BAL at baseline and 6-, 14-, and 21-dpi. 

CD3+ T cell fluctuations in the blood were driven by CD4 T cells which showed 

levels increasing significantly between days 14- and 21-pi (Fig 6A). As the 

percentage of CD4 T cells rise and fall over the course of the study, we observed 

the opposite pattern in the percentage of cytotoxic CD8 T cells (Fig 6B). We 

found increases in Ki-67+ CD4 T cells at 6-dpi (MA27, MA28 and MA30) and 14-

dpi (MA24 and MA28) indicating increased CD4 T cell proliferation (Fig 6C and 

6D). Increases in expression of the T cell exhaustion marker, PD-1, have been 

noted in a number of studies involving human COVID-19 patients [45–47]. Here 

we found a significant increase in PD-1+ CD4 T cells at 14-dpi (Fig 6I). 

Interestingly, we saw a decrease in the percentage of CD4 T cells at this same 

timepoint. 

We then used tSNE analysis to show changes in PD-1 expressing cell 

populations over the course of the study (Fig 6E-H). At baseline, CD4- CD8- 

(double negative) T cells made up the greatest proportion of PD-1+ CD3+ T cells 

(Fig 6H). Beginning at day 6-pi, CD4 T cells made up the majority of PD-1 

expressing cells, with only one animal, MA28, showing increases in PD-1 

expressing cytotoxic T cells at 6 and 14-dpi (Fig 6J).  
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Pulmonary T cell responses 

We next sought to characterize the dynamics of pulmonary T cell 

populations over the course of infection by examining the frequency as well as 

cytokine and surface protein expression before SARS-CoV-2 infection, and at 

days 6-, 14-, and 21-post viral challenge. Using PMA stimulation, we noted  
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increased frequencies of CD4+/CD8+ double positive (DP) T cells after viral  

challenge which remained elevated throughout the study (Fig 7A and 7B) 

((Median DP T cells as a percentage of CD3+ T cells: Baseline: 2% (n=2), 6-dpi: 

23% (n=4), 14-dpi: 30% (n=2), 21-dpi: 31% (n=2)). We also examined fold 

changes in surface protein and cytokine expression among the DP, CD4 and 

CD8 single positive T cell populations as compared to baseline in two of the 

animals, MA24 and MA27 (Fig 7E-J). Both MA24 (euthanized at 21-dpi) and 

MA27 (euthanized at 6-dpi) showed large increases among all three T cell 

subsets in TNF-⍺ expression at 6-dpi. At fourteen days post infection, MA24 

showed increased expression of Granzyme B in both the DP and CD8 T cell 

populations. Interestingly, it was the DP T cell population which showed the 

greatest fold increase in Granzyme B over baseline indicating the cytotoxic 

potential of this DP T cell population.  

 We also compared the activity of each T cell subtype within the same time 

point of infection (Fig 8A-O). Prior to infection, DP T cells showed higher TNF-⍺, 

IL-10, MIP-1β, and IL-22 expression than traditional CD4 and CD8 T cells, 

suggesting that these cells may potentially perform a non-specific function in the 

pulmonary immune response [48]. After viral challenge, we found higher 

frequencies of Granzyme B expressing DP T cells compared to CD4 T cells and, 

most notably, CD8 T cells at each timepoint post infection (Fig 8E, 8J and 8O). 

We found significant increases in CD4 T cells expressing IL-2, IL-10, TNF-⍺ and 

MIP-1b (Fig 8A-E). At 14-dpi, we noted a significant increase in MIP-1β  
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expressing CD8 T cells (Fig 8I) along with significant changes in IL-2, IL-10 and 

TNF-⍺ expression. DP T cells also showed increased activity post viral challenge 

with significant increases in the frequency of IL-10, TNF-⍺, MIP-1β and 

Granzyme B expressing cells. Taken together, these findings show that the DP T 

cell population has functions which overlap with both CD4 and CD8 T cells [48]. 

We speculate that these cells are major histocompatibility complex class II 

(MHC-II) restricted CD4 T cells which upregulate CD8 upon activation, 

generating the described DP T cell population which has greater cytotoxic 

potential than traditional CD4 T cells. Pulmonary infiltrating cytotoxic CD4 T cells 

potentially aid CD8 T cells in viral clearance and are a unique aspect of COVID-

19 disease [25].  

 

Peripheral T cell cytokine responses 

We next performed T cell subtype cytokine analysis in the blood using the 

same panel we used for BAL (Fig 8P-DD). We found that the dynamic changes in 

T cell activity occurred mainly in the BAL (Fig 8A-O) with very few changes 

occurring in the periphery (Fig 8P-DD). As COVID-19 is a respiratory disease, 

these results are not surprising. The only significant change noted in the blood 

was a decrease in TNF-⍺ expressing CD8+ T cells at 6-dpi (Fig 8W). 

Interestingly, we see an increase in TNF-⍺ expressing CD8+ T cells in the lung at 

this same timepoint. 
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CD4 T cell and Granzyme B expression in the lungs 

Fluorescent Immunohistochemistry (IHC) identified cytotoxic CD4 T cells 

(CD4+ Granzyme B+) in the lungs of all four PTM at necropsy (Fig 9). We 

detected large numbers of infiltrating Granzyme B positive cells in the lungs of 

MA27 and MA30 (euthanized at 6-dpi) along with rare cytotoxic T cells (Fig 9A, 

9B, 9F and 9G). At 21-dpi, MA24 (Fig 9C) showed low numbers of Granzyme B+ 

cells compared to MA28 (Fig 9D) and the other two animals which were 

euthanized at 6-dpi. Cytotoxic CD4 T cells were detected in the lung of MA28 

and, with less frequency, in MA24 (Fig 9G).  

We then used flow cytometry to measure cytotoxic CD4 T cells in BAL 

(CD45+CD3+CD4+Granzyme B+). To mirror the IHC analysis, we did not 

exclude CD8+ cells from our cytotoxic CD4+ population. Mononuclear cells were 

incubated with or without PMA stimulation cocktail for 4-6 hours and cytotoxic 

CD4 T cells were measured as a percentage of CD45+ cells (Fig 9H and 9J) and 

CD3+ cells (Fig 9I and 9K) in both the stimulated and unstimulated conditions. 

We noted a considerable increase in cytotoxic CD4 T cells in BAL at 14-dpi. 
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SARS-CoV-2 peptide specific T cell response in the lung 21-days post infection 

Mononuclear cells, isolated from BAL, were incubated overnight with 

SARS-CoV-2 peptides and analyzed by flow cytometry. We detected specific 

CD4 T cell responses against SARS-CoV-2 that localized to the lung 21 days 

after viral infection. Specifically, we identified CD4 T cell responses to 

membrane, nucleocapsid and to a lesser degree, spike peptides (Fig 10A). CD8 

T cell responses against the virus were also noted, but at lower frequencies (Fig 

10B). In FlowJo, we gated on the CD4 T cell population and applied tSNE 

analysis to identify and characterize virus specific CD4 T cells responding to 

membrane and nucleocapsid viral peptides (Fig 10C and 10D). tSNE analysis 

revealed a unique cluster of CD4 T cells that responded to stimulation. In this 

population of responding cells (Fig 10E and 10F), we noted increased expression 

of CD8 and HLA-DR, indicating cell activation. Increased expression of 

inflammatory cytokines and chemokines was also detected in the antiviral CD4 T 

cells. We noted a decrease in Granzyme B expression suggesting that the 

antigen specific CD4 T cells have reduced cytotoxic capacity, unlike the DP T 

cells (cytotoxic CD4) described previously (Figs 7, 8 and 9). As expected, 

antiviral CD4s have increased CD95 expression reflecting a memory phenotype. 

Numerous studies of SARS-CoV-2 convalescent humans have described 

antiviral T cells with a relative predominance of CD4 T cells [49,50]. These 

antiviral responses are most often noted in the blood. In our study, we were 

unable to detect antigen-specific T cell responses in the blood 21 days after viral 

infection (S5 Fig). Taken together, our data provide a valuable addition to the 
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data from humans and may suggest important roles for antiviral CD4 T cells the  

pulmonary compartment.  
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Humoral immune responses  

Using flow cytometry, we measured B cell kinetics in the blood at baseline 

and days 6-, 14- and 21-post infection (Fig 11A). We did not detect any 

significant changes in the percentage of peripheral B cells over the course of the 

study. We next tested serum from infected animals for neutralizing antibodies 

using a pseudovirus assay. Unsurprisingly, no neutralization was detected at 6-

dpi in any sample, including the animals euthanized at that time point. By 14-dpi, 

neutralizing antibody responses were detectable in both MA24 and MA28 with 

responses decreasing by 21-dpi (Fig 11B).  
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Discussion 

The novel coronavirus SARS-CoV-2 has caused a global pandemic with 

little precedent. As of the time of submission, this virus has infected nearly 270 

million individuals worldwide and killed over five million, including almost 800,000 

in the United States. Illness caused by this virus, termed COVID-19, ranges from 

asymptomatic [51,52] to flu-like symptoms to severe pneumonia [53,54]. In the 

most severe cases, patients have experienced acute respiratory distress 

syndrome (ARDS) and death [55]. It has also become apparent that a number of 

surprising symptoms can be associated with SARS-CoV-2 infection, including: 

coagulopathy, thrombosis, kidney failure, and chronic respiratory/neurological 

issues that seemingly persist well beyond viral clearance [43,56–63]. Although 

several highly effective vaccines have been created to combat the COVID-19 

pandemic [64–66], billions of individuals remain unvaccinated worldwide. 

Furthermore, the emergence of new viral variants with enhanced transmissibility 

[67–70] and the ability to infect even the vaccinated [71] (though this population 

is overwhelmingly protected from severe disease [72–74]) suggest that this virus 

will persist indefinitely. Barring the development and mass deployment of 

vaccines capable of inducing sterilizing immunity, an exceedingly difficult task, 

intense research focus must remain to decipher disease mechanisms so those 

that do become infected can be treated.  

 Critical to both understanding and treating the broad spectrum of disease 

sequelae caused by SARS-CoV-2 is the development of animal models that 

faithfully recapitulate COVID-19. Animal models allow timed infection and 
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euthanasia along with extensive sample collection that are not possible during 

human infections. Rhesus macaques (RhM), cynomolgus macaques (CyM), 

African green monkeys (AGM), baboons and marmosets have all been used to 

achieve this goal [14–17,75,76]. To date, none of these models consistently 

recapitulate severe COVID-19 disease but some data suggest AGM may exhibit 

more severe disease than the others [14,15]. When infected with simian 

immunodeficiency virus (SIV), pigtail macaques (PTM) exhibit rapid and severe 

disease relative to RhM and CyM, including rapid destruction of the CD4 immune 

compartment, severe gastrointestinal disease, and complications related to 

coagulopathy [21–23,77–79]. Many of these disease features are also relevant to 

severe COVID-19 disease [56–61,80–82]. PTM have been successfully used to 

model other viral infections and in some cases show severe disease. Compared 

to other macaque models, the PTM pregnancy model of Zika infection is more 

likely to show congenital disease with implications of fetal brain injury similar to 

that seen in humans [83]. PTM are also susceptible to influenza infection and 

show a strong persistent immune response to infection [84]. A recent report 

demonstrated that a related species of pigtail macaques (Macaca leonine) 

showed an abbreviated period of SARS-CoV-2 viral replication but possibly more 

severe disease than RhM [85]. Thus, PTM may be a reasonable model for 

severe disease and used to test novel therapeutics and vaccines to prevent 

disease. Until recently, the northern PTM (Macaca leonina), mentioned above, 

was considered a subspecies of the southern PTM (Macaca nemestrina), the 

species used in our study. They are now considered two distinct species. 
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Unfortunately, PTM in general are not as widely used for biomedical research as 

are other species such as RhM, so we cannot be certain if our data are 

representative of northern PTM or any other related species. 

 We infected a small cohort of PTM with SARS-CoV-2 through a 

combination of intratracheal and intranasal instillation. Animals were tracked for 

viral replication in multiple sites, for immune dynamics in blood and 

bronchoalveolar lavage cells, and for innate and other markers of disease in 

blood and tissues. We identified a range of disease severity, even in our small 

cohort, with one animal euthanized at six days post infection showing more 

severe pulmonary lesions than the rest. Interestingly, multiple early indicators 

that are consistent with a more severe disease course in humans, were also 

detected in this animal, including: viral titer, an elevated neutrophil to lymphocyte 

ratio, elevated kynurenine to tryptophan ratio, and elevated serum inflammatory 

cytokines. Our findings suggest that these factors correlate with and may predict 

disease severity. Hyperproduction of pro-inflammatory cytokines such as IL-1β, 

IL-6, IL-12, IFN-! and TNF-⍺ have been linked to the pathogenesis of tissue 

injury observed in SARS-CoV-2 induced pneumonia seen in humans [86,87]. The 

exact role that these cytokines play in disease pathology is not fully understood 

therefore expanded cohort sizes of PTM that include both males and females as 

well as aged animals may reveal answers not only to this question but may also 

uncover additional clinical manifestations.  
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 Viral dynamics were similar in PTM as we have reported in RhM [14,15]. 

Viral RNA, including subgenomic RNA, was consistently detected throughout the 

first several days of infection. We detected persistent viral titers at multiple sites 

in some of the animals throughout the course of the study. These data confirm 

PTM as a robust model of viral infection and replication, similar to RhM, and 

suggest this model may be used to study novel virus host relationships.   

 COVID-19 disease is commonly characterized by pulmonary infiltration of 

inflammatory immune cells [41]. Innate cells, particularly monocytes, are 

considered important mediators of disease progression [42]. Although infiltrating 

monocytes were identified in our PTM, T cells were a more dominant cellular 

infiltrate into lungs as detected in bronchoalveolar lavage sampling. Specifically, 

we identified a unique population of CD4+/CD8+ double positive T cells (DP T 

cells) that upregulated inflammatory cytokines such as TNF-⍺	as well as 

Granzyme B over the course of infection. DP T cells with cytotoxic capacity have 

been identified in human and animal studies of influenza [88,89], human studies 

of HIV [90,91], as well as animal studies of tuberculosis [48] and SHIV [92]. 

Traditionally, these cells would be predicted to be major histocompatibility 

complex class II (MHC-II) restricted CD4 T cells that upregulate CD8 upon 

activation. Pulmonary infiltrating CD4 T cells with cytotoxic capacity, as 

measured by Granzyme B, identified in our PTM and recently in humans with 

severe COVID-19 [25], are a unique and possibly understudied aspect of the 

disease. 
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 We also identified relatively high magnitude CD4 T cell responses against 

the virus that localized to the lung 21 days after viral infection. CD8 T cells 

against the virus were also noted, but at lower frequencies. Many studies have 

reported antiviral T cells in SARS-CoV-2 convalescent humans, with a relative 

predominance of CD4 T cells, however these responses are nearly always noted 

in blood [49,50]. Thus, our data provide a valuable addition to the data from 

humans and may suggest important roles for antiviral CD4 T cells in pulmonary 

sites.  

 RhM have proved invaluable for testing vaccines and therapeutics [19] 

due to the robust viral replication and mild but consistent disease seen in this 

species. However, RhM and other NHP species tested to date do not recapitulate 

the most severe form of the disease. Based on disease severity with other 

viruses, we proposed that PTM may provide such a model. Here, we found that 

PTM largely recapitulate the level of disease severity found in RhM. However, we 

also found that PTM do demonstrate some important aspects of disease, 

including the pulmonary infiltration of specific immune cells that may be important 

in COVID-19 disease. Thus, this species may be complementary to the RhM 

model for vaccine testing but may also prove uniquely useful for testing certain 

immune modulating therapeutics.  

 Taken together, our data define a new animal model for COVID-19. PTM 

show robust viral replication, SARS-CoV-2 associated pneumonia, and complex 

innate and adaptive immune responses that may shed light on mechanisms of 

COVID-19 disease. This model may prove valuable for testing novel 
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immunomodulatory therapeutics and vaccines, including those that modulate 

pulmonary infiltration of T cells and other inflammatory cells. Finally, our data 

confirmed COVID-19 associated inflammation was not always resolved 21-dpi, 

despite no evidence of continued viral replication at that time point. Thus, this 

model may also be valuable for the study of long-term chronic effects associated 

with SARS-CoV-2 infection.  
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Abstract 

Persistent and uncontrolled SARS-CoV-2 replication in 

immunocompromised individuals has been observed and may be a contributing 

source of novel viral variants that continue to drive the pandemic. Importantly, the 

effects of immunodeficiency associated with chronic HIV infection on COVID-19 

disease and viral persistence have not been directly addressed in a controlled 

setting. Here we conducted a small pilot study wherein two pigtail macaques 

(PTM) chronically infected with SIVmac239 were exposed to SARS-CoV-2 and 

monitored for six weeks for clinical disease, viral replication, and viral evolution, 

and compared to our previously published cohort of SIV-naïve PTM infected with 



 78 

SARS-CoV-2. At the time of SARS-CoV-2 infection, one PTM had minimal to no 

detectable CD4+ T cells in gut, blood, or bronchoalveolar lavage (BAL), while the 

other PTM harbored a small population of CD4+ T cells in all compartments. 

Clinical signs of severe COVID-19 were not observed in either PTM. Neither SIV-

infected PTM mounted detectable anti-SARS-CoV-2 T cell responses in blood or 

BAL, nor anti-SARS-CoV-2 neutralizing antibodies. Interestingly, despite the 

diminished cellular and humoral immune responses, SARS-CoV-2 viral kinetics 

and evolution were indistinguishable from SIV-naïve PTM in all sampled mucosal 

sites (nasal, oral, and rectal), with clearance of virus by 3-4 weeks post infection. 

Our findings demonstrate that SIV-induced immunodeficiency significantly 

impacted immune responses to SARS-CoV-2 but did not alter disease 

progression, viral kinetics or evolution in the PTM model. Therefore, SIV-induced 

immunodeficiency alone may not be sufficient to drive the emergence of novel 

viral variants.  

 

Introduction 

The global outbreak of Coronavirus disease 2019 (COVID-19), caused by 

the highly infectious severe acute respiratory syndrome coronavirus 2 (SARS-

CoV-2), has posed a significant and urgent public health challenge. First 

identified in Wuhan, China, in December 2019, the outbreak quickly spread to 

other countries across the globe. As of September 2023, the World Health 

Organization (WHO) has reported over 770 million global cases and nearly 7 

million deaths [1]. While the majority of cases are asymptomatic or exhibit only 
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mild symptoms, some individuals develop severe complications such as 

pneumonia, systemic inflammation, and coagulopathy, which can lead to organ 

failure, shock, and death [2–7]. Certain factors, such as a compromised immune 

system, advanced age, and comorbidities, including cardiovascular disease, 

diabetes, and obesity, increase the risk of developing severe disease [8,9]. 

People living with HIV (PLWH) face an increased risk of several of these 

conditions, including a compromised immune system and a higher prevalence of 

cardiovascular disease. Additionally, PLWH have increased susceptibility to 

opportunistic infections such as pneumocystis pneumonia, which is the most 

common respiratory infection in patients with AIDS [10–12]. PLWH also 

experience elevated levels of inflammation, which significantly contributes to the 

development of severe respiratory disease, thromboembolisms, and other 

adverse outcomes associated with COVID-19 [13–15]. This raises concerns 

about the impact of HIV on the severity and persistence of SARS-CoV-2 

infections. Studies examining whether HIV increases the risk of severe COVID-

19 have yielded conflicting results. Initial studies indicated that PLWH had similar 

or even better outcomes [16–18] compared to those without HIV. However, larger 

population-based studies suggest that PLWH experience higher hospitalization 

rates and COVID-19-related deaths compared to the general population [19–23]. 

More recent research has suggested that unsuppressed viral loads or low CD4+ 

T cell counts are linked to suboptimal adaptive immune responses to SARS-CoV-

2, affecting both T cell and humoral responses [24,25].  
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In addition to the concern of increased severity, HIV-associated 

immunodeficiency could potentially facilitate SARS-CoV-2 persistence and 

evolution, leading to the emergence of new variants of concern. A recent study 

by Karim et al. highlighted a case of an individual with advanced HIV who 

exhibited prolonged SARS-CoV-2 shedding with high viral loads and the 

emergence of multiple viral mutations [26]. While retrospective studies have 

explored the effects of HIV status on COVID-19 incidence and severity, 

controlled studies are lacking. To address these gaps, we utilized a nonhuman 

primate model of HIV/AIDS and conducted a pilot study involving two pigtail 

macaques (PTM) chronically infected with SIVmac239. We exposed them to 

SARS-CoV-2 and monitored the animals for six weeks for clinical disease, viral 

replication, and viral evolution. Additionally, we performed detailed analyses of 

adaptive immune responses, utilizing flow cytometry and antibody binding and 

neuralization assays following SARS-CoV-2 infection. We compared our findings 

with data from our previously published cohort of SIV-naïve, SARS-CoV-2-

infected PTMs [27]. Despite the marked decrease in CD4+ T cells in the SIV+ 

animals prior to exposure to SARS-CoV-2, we found that disease progression, 

viral persistence and evolution of SARS-CoV-2 were comparable to the control 

group. Overall, our findings suggest that SIV-induced immunodeficiency alters 

the immune response to SARS-CoV-2 infection, leading to impaired cellular and 

humoral immunity. However, this impairment does not significantly alter the 

course of infection. These findings contribute to a deeper understanding of the 

interplay between immunodeficiency and SARS-CoV-2 infection and propose a 
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valuable model for evaluating vaccine and therapeutic strategies for 

immunocompromised individuals.  

 

Materials and Methods 

Research Animals 

Two female pigtail macaques (PTM, Table 1) were inoculated 

intravenously with SIVmac239 (100 TCID50), followed by intranasal (0.5 mL per 

nare) and intratracheal (1 mL) administration of SARS-CoV-2 (1.1x106 PFU/mL, 

USA WA1/2020) approximately one year later. Animals were monitored for six 

weeks following SARS-CoV-2 inoculation. Blood, bronchoalveolar lavage (BAL), 

and endoscopic gut biopsies were collected before and after SIVmac239 

infection. Sampling pre- and post-SARS-CoV-2 infection included blood, BAL, 

and mucosal swabs (nasal, pharyngeal, and rectal). Physical examinations were 

performed throughout the course of the study. At the end of the study, complete 

postmortem examinations were performed with collection and histopathologic 

evaluation of 43 different tissues including all major organs and sections from 

each major lung lobe. 

Animal 
ID Sex Age 

(y) 

Weight (kg) at 
time of SIV 
inoculation 

Weight (kg) at time of SARS-
CoV-2 inoculation 

NV18 Female 3.82 4.45 4.45 

NV19 Female 4.67 5.76 5.85 

Table 2.1 Cohort of PTM used in this study. 
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Ethics Statement 

Pigtail macaques used in this study were purpose bred at Johns Hopkins 

University and moved to Tulane National Primate Research Center (TNPRC) for 

these experiments. Macaques were housed in compliance with the NRC Guide 

for the Care and Use of Laboratory Animals and the Animal Welfare Act. Animal 

experiments were approved by the Institutional Animal Care and Use Committee 

of Tulane University. The TNPRC is fully accredited by AAALAC International 

(Association for the Assessment and Accreditation of Laboratory Animal Care), 

Animal Welfare Assurance No. A3180-01. Animals were socially housed indoors 

in climate-controlled conditions with a 12/12-light/dark cycle. All the animals on 

this study were monitored twice daily to ensure their welfare. Any abnormalities, 

including those of appetite, stool, behavior, were recorded and reported to a 

veterinarian. The animals were fed commercially prepared monkey chow twice 

daily. Supplemental foods were provided in the form of fruit, vegetables, and 

foraging treats as part of the TNPRC environmental enrichment program. Water 

was available at all times through an automatic watering system. The TNPRC 

environmental enrichment program is reviewed and approved by the IACUC 

semi-annually. Veterinarians at the TNPRC Division of Veterinary Medicine have 

established procedures to minimize pain and distress through several means. 

Monkeys were anesthetized with ketamine-HCl (10 mg/kg) or 

tiletamine/zolazepam (3-8 mg/kg) prior to all procedures. Preemptive and post 

procedural analgesia (buprenorphine 0.03 mg/kg IM or buprenorphine sustained-

release 0.02 mg/kg SQ) was required for procedures that would likely cause 
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more than momentary pain or distress in humans undergoing the same 

procedures. The animals were euthanized at the end of the study using methods 

consistent with recommendations of the American Veterinary Medical 

Association (AVMA) Panel on euthanasia and per the recommendations of the 

IACUC. Specifically, the animals were anesthetized with tiletamine/zolazepam (8 

mg/kg IM) and given buprenorphine (0.01 mg/kg IM) followed by an overdose of 

pentobarbital sodium. Death was confirmed by absence of respiration, cessation 

of heartbeat, pupillary dilation, and lack of corneal reflex. The TNPRC policy for 

early euthanasia/humane endpoint was included in the protocol in case those 

circumstances arose. 

 

Isolation and Quantification of SIVmac239 

Plasma SIVmac239 viral RNA (vRNA) extraction and quantification were 

performed essentially as previously described [28]. 

 

Isolation of SARS-CoV-2 RNA 

SARS-CoV-2 vRNA was isolated from BAL supernatant (200 µL) and 

mucosal swabs (nasal, pharyngeal, and rectal) using the Zymo Quick-RNA Viral 

Kit (Zymo Research, USA) as previously described [27,29]. Mucosal swabs, 

collected in 200 µL DNA/RNA Shield (Zymo Research, USA), were placed 

directly into the Zymo spin column for centrifugation to ensure complete elution of 

the entire volume. The Roche high pure viral RNA kit (Roche, Switzerland) was 

used to isolate vRNA from plasma (200 µL) per the manufacturer’s protocol. After 
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isolation, samples were eluted in 50 µL DNase/RNase-free water (BAL and 

mucosal swabs) or Roche elution buffer (plasma) and stored at -80℃ until viral 

load quantification.  

 

Quantification of SARS-CoV-2 RNA 

The quantification of SARS-CoV-2 RNA was performed according to 

methods previously described [27,29]. Genomic vRNA was quantified using CDC 

N1 primers/probe to determine the total amount of vRNA present. Additionally, 

primers/probe specific to nucleocapsid subgenomic (SGM) vRNA were utilized to 

estimate the quantity of replicating virus.  

 

Isolation of Cells 

SepMate-50 Isolation tubes (Stem Cell Technologies, Vancouver, 

Canada) were used according to the manufacturer’s protocol to isolate peripheral 

blood mononuclear cells (PBMCs) from whole blood. BAL samples were 

centrifuged at 1800 rpm at room temperature for 5 minutes. BAL supernatant 

was collected and stored at -80℃. BAL cell pellets were washed with PBS 

supplemented with 2% FBS. Tissue-specific lymphocytes were isolated from 

endoscopic duodenal pinches collected during the SIV portion of the study. 

Finely cut tissue pieces were added to a T-25 tissue culture flask and incubated 

in 25 mL Hanks Balanced Salt Solution (HBSS, Corning, USA) supplemented 

with 1mM EDTA (Invitrogen, USA) for 30 minutes at 37℃ at 400 rpm. After 

supernatant removal, samples underwent a second digestion in 25 mL RPMI 
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(Gibco, USA) supplemented with 5% FBS, Collagenase II (60 units/mL, Sigma-

Aldrich, USA), penicillin/streptomycin (100 IU/mL, Gibco, USA), 2 mM glutamine 

(Gibco, USA), and 25 mM HEPES buffer (Gibco, USA) for 30 minutes at 37℃ at 

400 rpm. Samples were filtered through a 70-µm sterile cell strainer, washed, 

and resuspended in PBS with 2% FBS. Nexcelom’s Cellometer Auto 2000 

(Nexcelom, USA) was used to count the cells. PBMCs were cryopreserved at 

approximately 1x107 cells/mL in Bambanker cell freezing medium (GC 

Lymphotec, Japan). 

 

Flow Cytometry 

Whole blood, thawed cryopreserved PBMCs, and freshly isolated cells 

from BAL and gut were washed with PBS supplemented with 2% FBS and 

stained with fluorescently labeled antibodies against markers listed in the 

Supplemental Section (S1 Table) as previously described [27]. Briefly, cells were 

incubated in Live/Dead stain cocktail (50 μL PBS + 0.5 μL live/dead stain per 

test) (Fixable Aqua Dead Cell Stain Kit, Invitrogen, Lithuania) in the dark for 20 

minutes at room temperature. Cells were then washed and incubated in surface-

stain cocktail containing 50 μL Brilliant Stain Buffer (BD Bioscience, USA) and 

antibodies listed in Supplemental Table 1. All samples were run on a BD 

FACSymphony A5 Cell Analyzer (BD Bioscience, USA), and data were analyzed 

with FlowJo 10.8.1 for Mac OS X (Tree Star, USA). 
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T cell Cytokine Response to SARS-CoV-2 

Mononuclear cells (MNCs) from blood and BAL were washed, pelleted, 

and resuspended in DMEM with 1% Anti-Anti and 10% FBS at 1x106 cells/mL. 

Cells were stimulated overnight at 37℃, 5% CO2 with either cell stimulation 

cocktail (Biolegend, USA) or one of the following viral peptide pools obtained 

through BEI Resources, NIAID, NIH: Peptide Array, SARS Coronavirus 

Nucleocapsid Protein (NR-52419), Spike Glycoprotein (NR-52402), or Membrane 

Protein (NR-53822), along with co-stimulatory antibodies (CD28 and CD49d at 1 

μL/mL) and Brefeldin-A (1 μL/mL, BioLegend, USA). LIVE/DEAD and surface 

staining was performed as described above. To measure cellular response to 

viral antigen, cells were washed in PBS containing 2% FBS, fixed and 

permeabilized with Cytofix/Cytoperm Buffer (BD Biosciences, USA). Cells were 

incubated in intracellular stain cocktail for 30 minutes at room temperature (S1 

Table), washed with 1x BD Perm/Wash Buffer and fixed in 1x BD Stabilizing 

Fixative (BD Biosciences, Franklin Lakes, NJ). 

Overnight stimulation, surface and intracellular staining of BAL cells 

isolated from SARS-CoV-2 infected animals were performed under BSL-3 safety 

conditions. Cells were fixed with 2% Paraformaldehyde for 60 minutes before 

removal from BSL-3. Samples were run on the BD FACSymphony and analyzed 

via FlowJo as described above.  
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Meso Scale COVID-19 IgA and IgG Panels 

V-PLEX COVID-19 serological assays were used to quantify serum levels 

of IgA and IgG binding antibodies to SARS-CoV-2 Spike, Spike N-Terminal 

Domain (S1 NTD), and Spike Receptor Binding Domain (S1 RBD) (Panel 1, 

Meso Scale Discovery, USA), following the manufacturer’s protocol. Briefly, 

plates were first incubated at room temperature on a shaker in MSD Blocking 

solution for 30 minutes, followed by 3 washes with 1X MSD Wash buffer. Plasma 

samples were diluted 100- (IgA kit) or 1000-fold (IgG kit) and plated in duplicate, 

along with controls and standards used to generate a seven-point calibration 

curve. Plates were then sealed and incubated at room temperature on a shaker 

for 2 hours. Following this, the plates were washed three times before addition of 

1X detection antibody to each well. After a 1-hour incubation, plates were 

washed a final 3 times, and MSD GOLD Read Buffer B was added to the plates. 

Plates were read immediately using a MESO QuickPlex SQ 120MM instrument. 

The concentration of IgA and IgG antibodies was determined using the standard 

curve generated by plotting the known concentrations of the standards and their 

corresponding signals. 

 

SARS-CoV-2 Microneutralization (PRMNT) Assay 

A microneutralization assay (PRMNT) adapted from Amanat et al. 2020 

[30] was used to assess the presence of neutralizing antibodies in serum of SIV+ 

and SIV naïve SARS-CoV-2 infected PTMs. Vero/TMPRSS2 cells (JCRB Cell 

Bank, Japan) were seeded in 96-well tissue culture-treated plates to be 



 88 

subconfluent at the time of assay. Serum samples were diluted in dilution buffer 

(DMEM, 2% FBS, and 1% Anti-Anti) to an initial dilution of 1:5, followed by six 3-

fold serial dilutions. SARS-CoV-2 (WA1/2020, BEI, USA) was diluted 1:3000 in 

dilution buffer and added in equal proportions to the diluted sera under Biosafety 

Level 3 (BSL-3) conditions. Samples were then incubated at room temperature 

for 1 hour. The culture media was removed from the 96-well Vero cell culture 

plates, and 100 µL of the virus/sera mixture was added to each well. Dilution 

buffer and diluted virus (1:6000) were used as the negative and positive controls, 

respectively. Plates were then incubated for 48 hours at 37°C and 5% CO2. After 

the incubation period, the medium was removed, and 100 µL of 10% formalin 

was carefully added to each well. The plates were allowed to fix overnight at 4°C 

before being removed from the BSL-3 facility.  

The staining of the plates was conducted under BSL-2 conditions. After 

carefully removing the formalin, the cells were washed with 200 µL PBS, followed 

by the addition of 150 µL of permeabilization solution (0.1% Triton/PBS). Plates 

were then incubated at room temperature for 15 minutes. Following the 

incubation, the cells were washed with PBS and blocked with 100 µL of blocking 

solution (2.5% BSA/PBS) for 1 hour at room temperature. After removing the 

blocking solution, 50 µL of the primary antibody (SARS-CoV-2 Nucleocapsid 

Antibody, Mouse Mab, Sino Biologicals, #40143-MM08) diluted 1:1000 in 1.25% 

BSA/PBS was added to each well, followed by a 1-hour incubation at room 

temperature. The plates were then washed twice with PBS, decanted, and gently 

tapped on a paper towel to ensure complete antibody removal. Next, 100 µL of 
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the secondary antibody, Goat anti-Mouse IgG (H+L) Cross-Adsorbed Secondary 

Antibody (Invitrogen, #A16072) diluted 1:3000 in 1.25% BSA/PBS was added to 

each well. The plates were incubated for 1 hour at room temperature. Following 

the incubation period, cells were washed as described above. To initiate color 

development, 100 µL of 1-Step Ultra TMB-ELISA developing solution (Thermo 

Scientific, #34028) was added to each well. The plates were then incubated in 

the dark at room temperature for 10 minutes. To stop the reaction, 50 µL of 1N 

sulfuric acid was added to each well. The optical density was measured and 

recorded at 450 nm on a Tecan Sunrise Microplate Reader (Tecan, Switzerland). 

The averages of the positive control wells and negative control wells were 

calculated separately, and percent inhibition was calculated for each well.  

 

Results 

Experimental Design and Viral Dynamics in SIV-infected Pigtail Macaques Prior 

to SARS-CoV-2 Exposure 

Two female pigtail macaques (PTM, NV18 & NV19) were infected 

intravenously (iv) with SIVmac239 (100 TCID50) and monitored for approximately 

one year prior to exposure to SARS-CoV-2 (Wa1/2020, 2.2x106 PFU, in/it) (Fig 

1A). SIV viral dynamics in plasma followed the typical pattern, with peak viremia 

occurring approximately two weeks after infection, followed by a set point of 

around 1x106 for NV18 and 1x105 for NV19 (Fig 1B). The uncontrolled viremia 

led to a substantial progressive decrease in CD4+ T cells in all sampled 

compartments (plasma, BAL, and gut) (Fig 1C-E). Notably, beginning at 
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approximately eight weeks post-SIV infection, NV18 exhibited little to no 

detectable CD4+ T cells in BAL and gut, and these levels remained persistently 

low until the time of SARS-CoV-2 exposure. The other animal, NV19 also 

experienced a decline in CD4+ T cells across all sampled compartments, and 

although levels began to rebound, they never returned to pre-infection levels. 

 

 

 

Impact of SIV-Induced Immunodeficiency on SARS-CoV-2 Replication and 

Evolution 

We then sought to investigate how SIV-induced immunodeficiency affects 

SARS-CoV-2 viral replication and evolution in our PTM model.  We hypothesized 

that the observed immunodeficiency in the SIV-infected PTMs would enhance 

SARS-CoV-2 viral persistence, thereby increasing the risk of viral evolution. 

Using qRT-PCR, we tracked viral genomic (Fig 2A-E) and subgenomic (SGM, 

Fig 2F-J) RNA in mucosal swabs (nasal, pharyngeal, and rectal), BAL 
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supernatant (sup), and plasma for six weeks. We compared viral dynamics in our 

coinfected animals with our previously published cohort of SIV-naïve PTMs [27]. 

Viral dynamics in BAL showed robust viral replication during acute infection in 

both the SIV+ and the controls with viral levels becoming undetectable in all 

animals by 21 days post infection (dpi). The coinfected animals cleared vRNA in 

the rectal mucosa by 14-dpi, the pharynx by 21-dpi, and the nasal mucosa by 28-

dpi. The SIV-naïve animals had low levels of detectable virus in the nasal and 

rectal mucosa at their study end point of 21-dpi, with no detectable virus in the 

pharynx or plasma. Furthermore, we were unable to detect genomic or SGM 

vRNA in plasma in either of the coinfected animals. Surprisingly, both SIV+ 

animals cleared SARS-CoV-2, similar to the controls, and the absence of 

prolonged viral persistence consequently precluded any significant viral 

evolution, with H655Y being the only spike mutation detected in multiple samples 

from both coinfected animals at more than 25% of sequence read, including 

NV18 nasal and pharyngeal from day 2 and pharyngeal from day 5 and NV19 

rectal sample from day 2. However, this mutation was also present at a low 

frequency in the inoculum, precluding any analysis of intrahost selection.   
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Clinical Manifestations and Postmortem Observations in Coinfected PTM 

Animals coinfected with SIVmac239 and SARS-CoV-2 were closely 

monitored for six weeks following SARS-CoV-2 inoculation. In line with clinical 

findings in our previous pigtail study, the coinfected animals exhibited only mild 

COVID-19 symptoms. This outcome was unexpected given that previous studies 

have indicated PLWH face a higher risk of severe disease attributed to factors 

such as low CD4+ T cell counts and uncontrolled viremia, both of which were 

observed in our SIV+ animals [19–23]. Similar to the controls, no significant 

changes in body weight, temperature, or blood oxygen saturation levels were 

observed in the coinfected animals (S1 Fig). Furthermore, thoracic radiographs 

of the coinfected animals closely resembled those of the control group, revealing 

only subtle changes consistent with mild to moderate manifestations of COVID-

19 (S2 Fig). Upon postmortem examination, both animals demonstrated 

histopathologic changes consistent with chronic SIV infection. Neither animal had 

lesions that were attributed to SARS-CoV-2 infection indicating that lesions had 

resolved. The resolution of SARS-CoV-2-associated lesions is expected given 
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the six-week post-infection time point, viral clearance in these animals, and what 

has previously been reported in the NHP model. One animal, NV18, had an 

opportunistic Pneumocystis infection and SIV syncytial giant cells compatible 

with simian AIDS (SAIDS).  

 

T cell Dynamics in Blood and BAL Following SARS-CoV-2 Infection 

T lymphopenia, specifically of CD4+ T cells, is a common feature 

observed in human COVID-19 patients. This, compounded with low CD4+ T cell 

counts due to advanced HIV/SIV infection, may delay the clearance of SARS-

CoV-2, increase the risk of viral evolution, and promote disease progression 

[31,32]. In our study, both coinfected animals displayed signs of 

immunodeficiency with a substantial loss of CD4+ T cells in blood, lung, and gut 

prior to SARS-CoV-2 exposure (Fig 1C-E). Acutely following SARS-CoV-2 

infection, both animals experienced a further decline in peripheral CD4+ T cells. 

In NV19, this decline was transient and reached a nadir at 2-dpi. However, in the 

more immunocompromised animal, NV18, the loss persisted, and CD4+ T cells 

remained undetectable in both blood and BAL for the remainder of the study 

(Figs 3A, 3C, 3E, and 3G). Both animals showed a reduction in the overall CD3+ 

T cell population in BAL at 2-dpi, with levels returning to baseline in NV19 at 7-

dpi (Fig 3F). T cell dynamics in the SIV-naïve animals exhibited patterns similar 

to those of NV19, though with slightly delayed kinetics (Figs 3B-D and 3F-H). 

Despite the loss of CD4+ T cells, both coinfected animals successfully cleared 
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SARS-CoV-2, suggesting the involvement of innate immune mechanisms in 

controlling the infection. 

 

 

 

Diminished Cellular Immune Response to SARS-CoV-2 in Coinfected Animals 

with Severe T Cell Lymphopenia 

To evaluate the cellular immune response to SARS-CoV-2 infection, we 

stimulated mononuclear cells isolated from BAL with peptides derived from 

SARS-CoV-2 Spike, Membrane, or Nucleocapsid proteins and assessed cytokine 

responses using flow cytometry. In our previous PTM study, we showed that at 

21-dpi, the SIV-naïve animals developed pulmonary but not peripheral CD4+ and 

CD8+ SARS-CoV-2-specific T cell responses, that were predominately CD4 

driven. However, in our current study, neither coinfected animal had detectable 

virus-specific cellular immune responses to peptide stimulation (Figs 4A and 4B). 

Consistent with our previous findings, we were unable to detect virus-specific T-
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cell responses in the blood at 21-dpi (Figs 4C and 4D). Our findings show that 

severe CD4+ T-cell lymphopenia, resulting from advanced SIV infection, 

significantly impairs the cellular immune response to SARS-CoV-2 in the lungs.  

 

 

 

Impaired Humoral Immune Response to SARS-CoV-2 Infection 

We then aimed to assess neutralization capacity of serum antibodies 

using a microneutralization assay (PRMNT) [30]. By 14-dpi, the SIV-naïve 

animals demonstrated detectable neutralizing antibodies against SARS-CoV-2, 

whereas the coinfected animals failed to generate a neutralizing antibody 

response (Fig 5A). Additionally, using the V-PLEX COVID-19 serological assay 
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kit from Meso Scale Discovery, we measured IgA and IgG binding antibody 

levels in serum. By 21-dpi, we detected IgA (Fig 5B) and IgG (Fig 5C) binding 

antibodies targeting various domains of the Spike protein, including the receptor 

binding domain (RBD), Spike S1 and S2 domains, and the Spike N-terminal 

domain (NTD) in the SIV-naïve PTMs. However, we were unable to detect IgA or 

IgG binding antibodies in the serum of the coinfected animals. Our data 

demonstrate that the coinfected animals failed to generate virus-specific T cell 

and humoral immune responses highlighting the impact of pre-existing 

immunodeficiency on the development of adaptive immunity during coinfection.  

 

 

 

 

Discussion 

Since its emergence in December 2019 in Wuhan, China, the novel 

coronavirus SARS-CoV-2 has had a profound global impact [1]. COVID-19, 

caused by SARS-CoV-2, encompasses a spectrum of disease manifestations, 
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ranging from asymptomatic [33,34] to mild flu-like symptoms to pneumonia 

[35,36]. While the majority of infected individuals exhibit mild to moderate 

symptoms, a select group can experience severe complications marked by 

significantly elevated levels of coagulation biomarkers and proinflammatory 

cytokines, which can lead to acute respiratory distress syndrome (ARDS), and in 

some cases, death [37]. Risk factors such as a compromised immune system, 

advanced age, and comorbidities such as cardiovascular disease, diabetes, and 

obesity increase the likelihood of severe disease. 

The presence of HIV infection poses additional risks for individuals, 

including a compromised immune system and a higher prevalence of 

cardiovascular disease, raising concerns about the impact of HIV on the severity 

and persistence of SARS-CoV-2 infections [13–15]. While initial research 

indicated similar or improved outcomes for people living with HIV (PLWH) 

compared to the general population [16–18], larger population-based studies 

reported higher rates of hospitalization and COVID-19-related deaths among 

PLWH [19–23]. Recent studies suggest that unsuppressed viral loads or low 

CD4+ T cell counts are associated with suboptimal cellular and humoral immune 

responses to SARS-CoV-2 [24,25]. 

Immunodeficiency associated with HIV not only raises concerns about 

increased severity but also the potential facilitation of SARS-CoV-2 persistence 

and evolution, leading to the emergence of novel viral variants. Karim et al, 

(2021) highlighted this concern in a recent study in which an individual with 

advanced HIV showed prolonged shedding of SARS-CoV-2, high viral loads, and 
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the development of multiple viral mutations [26]. Although retrospective studies 

have explored the impact of HIV status on COVID-19 incidence and severity, 

controlled studies in this area are lacking.  

To address these gaps, we conducted a small pilot study involving two 

pigtail macaques (PTMs) infected with SIVmac239, a strain that is highly 

pathogenic in PTM and models progressive HIV infection, and subsequently 

exposed them to SARS-CoV-2 after approximately one year. Notably, PTMs 

infected with SIV exhibit comparatively rapid progression to AIDS and 

demonstrate cardiovascular abnormalities similar to those observed in humans 

with advanced HIV, making them an ideal model for evaluating the effects of 

chronic SIV infection on SARS-CoV-2 dynamics [38–41]. Our study aimed to 

investigate the impact of SIV-induced immunodeficiency on the clinical 

manifestation of COVID-19, along with its impacts on viral replication and 

evolution in a controlled setting. We compared the clinical, virological, and 

immunological outcomes of the coinfected animals with our previously published 

cohort of SIV-naïve PTMs infected with SARS-CoV-2 [27]. 

One of the key findings of our study is that SIV-induced immunodeficiency 

did not lead to enhanced COVID-19 disease in the coinfected animals. Despite 

the presence of significant immunodeficiency, as evidenced by the severe 

reduction in CD4+ T cells, the coinfected animals exhibited only mild COVID-19 

symptoms, similar to the control group. This finding contrasts with previous 

studies that have reported a higher risk of severe disease and mortality in PLWH 

[19–23], suggesting that aspects beyond immunodeficiency, such as 
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comorbidities or host-related factors, may contribute to the elevated risk of 

severe COVID-19 observed in PLWH. 

Our analysis of SARS-CoV-2 viral dynamics in the coinfected animals 

revealed that SIV-induced immunodeficiency did not significantly impact viral 

replication or evolution, with viral dynamics indistinguishable from the controls. 

Despite higher levels of vRNA in BAL of the more immunocompromised animal 

(NV18), vRNA levels became undetectable in both of the coinfected animals by 

three- or four-weeks post-infection in all sampled mucosal sites indicating that 

underlying SIV infection alone is insufficient to drive uncontrolled SARS-CoV-2 

replication. 

However, we did observe a notable difference in the adaptive immune 

response to SARS-CoV-2 infection between the SIV+ and SIV-naïve PTMs. By 

21-dpi, the control animals exhibited detectable SARS-CoV-2-specific 

neutralizing antibodies, IgA and IgG binding antibodies, and virus-specific T cell 

responses. In contrast, both coinfected animals failed to generate virus-specific 

humoral or cellular immune responses against SARS-CoV-2. This finding is 

consistent with studies linking uncontrolled HIV infection to suboptimal T cell and 

antibody responses to SARS-CoV-2 [24,25]. These results underscore the 

impact of pre-existing immunodeficiency on the development of adaptive 

immunity during coinfection. The observed inability to mount effective virus-

specific cellular and humoral immune responses sheds light on the potential 

challenges faced by individuals with advanced HIV infection when encountering 

SARS-CoV-2 and raises concerns about the potential impacts of reinfection. 
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Conclusion 

Overall, our study provides valuable insights into the interplay between 

SIV-induced immunodeficiency and SARS-CoV-2 infection. Despite the notable 

immunodeficiency observed in the coinfected animals, we found no evidence of 

enhanced COVID-19 disease nor significant impacts on viral replication or 

evolution. However, the impaired T-cell response and lack of neutralizing 

antibodies in the coinfected animals highlight the impact of underlying SIV-

induced immunodeficiency on the immune response to SARS-CoV-2. These 

findings contribute to our understanding of COVID-19 pathogenesis in 

immunocompromised individuals and may help guide the development of 

strategies to manage COVID-19 in vulnerable populations.  

 

Limitations 

As this was a preliminary study involving only two female animals, it will be 

necessary to conduct follow-up studies with larger cohorts in order to validate our 

findings. It’s important to note that the control animals used in this study were 

historical data derived from our previous study of male pigtail macaques. This 

gender difference between control and study animals may introduce variability 

and should be considered in future research. Nonetheless, our data provide 

novel and important discoveries contributing to the growing collection of SARS-

CoV-2 resources. Further investigations into SARS-CoV-2 reinfection of SIV+ 

nonhuman primates could serve as a promising follow-up to this study. Our 

coinfection model demonstrated that the innate immune response was likely 
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efficient in eliminating SARS-CoV-2 infection. A study that compares reinfection 

rates and viral clearance upon secondary exposure would be an exciting next 

avenue to pursue. 
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Supplementary Table 2.1. Flow cytometry antibodies. 
 
 

Fluorochrome
Antigen 
Target Clone Vendor

BV510 Live/Dead

Fixable Aqua 

Dead Cell 

Stain Kit

Invitrogen

BV650 CD8 SK1 BD Horizon

BV711 CD95 DX2 BD Horizon

BV750 PD-1 (CD279) EH12.2H7 Biolegend

BUV395 CD45 D058-1283 BD Horizon

BUV496 CD4 L200 BD Optibuild

PE-Cy5 CD45RA 5H9 BD Pharmingen

APC CD28 CD28.2 Biolegend

APC-C7 CD3 SPE4-2 BD Pharmingen

BV570 HLA-DR L243 Biolegend

PCP-Cy5.5 CD95 DX2 BD Horizon

PacBlue CD20 2H7 Biolegend

BV605 CD8 SK1 BD Horizon

BV650 CCR7 3D12 BD Horizon

BV711 CD11c 3.9 BD Horizon

BV786 CD103 Ber-ACT8 Biolegend

BUV737 CD14 M5E2 BD Horizon

PE CD169 7-239 Biolegend

PE-CF594 CD69 FN50 BD Horizon

PE-Cy7 CD163 GHI/61 Biolegend

AL700 CD16 3G8 Biolegend

BV605 CD45 D058-1283 BD Horizon

BV650 CD4 L200 Biolegend

AL700 CD8 RPA-T8 BD Pharmingen

PE-Cy7 IFN-! B27 BD Pharmingen

AL700 TNF-⍺ MAb11 BD Pharmingen

Supplemental Table 1.
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Supplementary Table 2.2. XpressBio Simian ELISA Reagents. 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Description Cat #

SARS-CoV-2 Spike Protein (S1,S2) Wuhan Hu-1 ELISA Plate SP864C

SARS-CoV-2 S1/S2 Positive Control SPC864

SARS-CoV-2 Negative Control 595-200

SARS-CoV-2 Nucleoprotein (Wuhan Hu-1) ELISA Plate SP865C

SARS-CoV-2 Nucleoprotein Positive Control SPC865

SARS-CoV-2 RBD+M (Wuhan Hu-1) ELISA Plate SP866C

SARS-CoV-2 RBD+M Positive Control SPC866

ELISA Wash Buffer (20x) 827102

ELISA Serum Diluent 595-413

ELISA Anti-Simian IgG Peroxidase Conjugate 595-626

ELISA ABTS Peroxidase Substrate 595-419

ELISA Stop Solution 595-417

Supplemental Table 2

XpressBio Simian ELISA Reagents
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Abstract 

Intravascular staining (ivs) provides an innovative method for 

distinguishing tissue-resident cells from those within the vasculature, a distinction 

that is particularly important in highly vascularized organs such as the lung. Cells 

that stain positive for the infusion antibody (ivs+) have generally been considered 

“blood contaminants.” However, recent studies are beginning to call this into 

question. Our study aimed to elucidate defining characteristics and functions of 

ivs+ T cells in the pulmonary vasculature. Utilizing ivs, we analyzed T cells from 

the lung and respiratory mucosa of Rhesus Macaques (RhM) via flow cytometry 

and single-cell RNA sequencing (scRNAseq). Contrary to being dismissed as 

“blood contaminants,” we found that pulmonary ivs+ T cells represent a unique 

population. Notably, CD8+ T cells were enriched within this group and 

predominantly exhibited an effector phenotype, highlighted by increased 

Granzyme B (GZMB) expression. Moreover, these pulmonary vascular “resident-

like” T cells demonstrated a gene profile enriched in cell adhesion and 

extravasation markers. In Simian Immunodeficiency Virus (SIV) infected RhMs, 

pulmonary ivs+ CD8+ T cells displayed heightened GZMB, IFN-!, and TNF-⍺ 

responses compared to tissue-resident memory (TRM) cells. Our findings redefine 

the role of ivs+ cells in the lung, emphasizing their distinct immunological 

functions and potential impact on respiratory health.  
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Introduction 

 T cells play a pivotal role in defense against invading pathogens. Naïve T 

cells continuously circulate through the bloodstream and secondary lymphoid 

organs (SLO), poised to encounter their cognate antigen [1–3]. Upon antigen 

recognition, they undergo rapid proliferation, differentiating into effector T cells 

(TEFF) that eradicate the infection [4]. As the infection resolves, the TEFF 

population contracts, leaving a small pool of antigen-experienced memory T cells 

(TMEM) ready to protect the host from future exposures [5,6]. 

TMEM cells stand at the forefront of host defense, enabling rapid and 

efficient responses to previously encountered pathogens. TMEM cells consist of a 

diverse repertoire characterized by distinct transcriptional profiles and protein 

expression, underpinning their varied functionalities, frequency, and localizations 

[7]. TMEM are typically categorized into three primary subsets: central memory 

(TCM), effector memory (TEM), and tissue-resident memory T cells (TRM) [8–10]. 

However, the growing recognition of their heterogeneous nature implies that 

creating strict, well-defined subsets may not be the most accurate approach. TRM 

cells reside in nearly all tissues and are characterized by their non-circulating 

nature and specialized ability to coordinate rapid immune responses as well as 

maintain homeostasis within the local environment [11–14].  

The lung, constantly exposed to various environmental factors, serves as 

a critical immunological effector site [15–18]. Its dual blood supply creates unique 

avenues for the migration and residency of immune cells [19]. The lungs’ unique 

dual vascular system, which consists of bronchial and pulmonary arteries, 
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facilitates oxygen exchange and serves as a pathway for immune cell trafficking 

[20]. This vascular network’s structure, from the tracheobronchial tree’s 

microvasculature to the alveolar capillaries, plays a pivotal role in how leukocytes 

navigate and exert immune responses within the lung [21]. The less studied 

perivascular capillary bed found surrounding larger pulmonary arteries may 

provide a third route for leukocyte trafficking and allow for rapid immune 

responses [19]. 

A key challenge in studying tissue-resident T cells, especially within highly 

vascularized organs such as the lung, is distinguishing them from cells within the 

organs’ vasculature. Intravascular staining, pioneered in mice and more recently 

utilized in non-human primates (NHPs), has emerged as a transformative tool to 

delineate tissue-resident cells from their vasculature-associated counterparts 

[22–26]. This technique involves infusing a fluorochrome-labeled antibody into 

the animal at subsaturation levels prior to necropsy. Cells present within the 

vasculature are tagged by the infused antibody (ivs+), whereas tissue-resident 

cells remain unlabeled (ivs-) [23]. Traditionally, cells staining positive for the 

infused antibody were perceived merely as “blood contaminants.” However, a 

recent study by Potter et al. challenges this notion [24]. 

Potter and colleagues used serial ivs with differentially labeled antibodies 

to assess lymphocyte trafficking patterns across time. In their study, they found 

distinct differences in peripheral blood mononuclear cells (PBMCs) and ivs+ 

(referred to as ivas+ in their study) cells across non-lymphoid tissues; in 

particular, they noted that the CD4:CD8 ratio and memory phenotypes of the ivs+ 
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cells differed markedly from circulating cells. They also noted enhanced CD69 

expression, a marker of tissue residence, which further set ivs+ cells apart from 

circulating cells. Serial ivs experiments revealed that the vast majority of ivs+ T 

cells in the lung were co-labeled with antibodies from the previous 6, 24, or 48-

hour infusions, a pattern less frequently observed with T cells in the blood. They 

found that the majority of T cells in the blood were more likely to be unlabeled 

with previous infusion antibodies. Potter proposed the perivascular bed identified 

by Pabst and Tschernig as a potential residence for their ivs+ cells. Pabst and 

Tschernig described distinct leukocyte populations within the capillary beds 

surrounding pulmonary arteries, suggesting a unique niche allowing plasma 

access but restricting cell movement [19]. Designated “perivascular,” they 

proposed that these cells were distinct from those in the blood or lung 

parenchyma.  

The lung anatomy of non-human primates closely resembles that of 

humans, making them the ideal animal model for pulmonary studies [27]. Here, 

we utilized Rhesus Macaques (RhM) to extensively investigate the phenotypic 

and functional capacities of ivs+ T cells in the lung using flow cytometry and 

single-cell RNA sequencing. To further understand the functional diversity of ivs+ 

T cells, we evaluated CD8+ T cell responses in simian immunodeficiency virus 

(SIV) infected RhMs, a model of HIV infection. Although not generally considered 

a respiratory disease, SIV/HIV has systemic implications, including a spectrum of 

respiratory complications, such as increased susceptibility to chronic lung 

disease, bacterial and pneumocystis pneumonia, lung cancer, and other 
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respiratory infections [28–34]. By characterizing the nuanced attributes of 

pulmonary ivs+ T cells through our study, particularly the enrichment of CD8+ T 

cells with enhanced functionality and upregulation of integrins associated with 

vascular endothelial cell interactions, we redefine them as a specialized 

population distinct from lingering blood lymphocytes. This distinction has unique 

implications for respiratory health and expands our understanding of tissue-

specific immunity.  

 

Materials and Methods 

Intravascular Staining 

Six Rhesus Macaques received a single injection of 30 µg/kg Anti-CD45 

[ITS_rhCD45]-AF647 (CD45-ivs) antibody (Nonhuman Primate Reagent 

Resource (NHPRR), RRID: AB_2910539) diluted in five mL sterile phosphate-

buffered saline (PBS) administered through a catheter placed in the saphenous 

vein 5 minutes prior to necropsy.  

 

SIV Infection 

Four RhM were inoculated intravenously with SIVmac239 and were 

placed on antiretroviral therapy (ART) two weeks post-inoculation. They were 

monitored for approximately one year, after which ART was discontinued. Four 

weeks post-ART-interruption, the animals were euthanized. Pre- and post-

infection sampling included blood and bronchoalveolar lavage (BAL), which 

continued throughout the course of the study.  
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Viral RNA Isolation and Quantification 

SIVmac239 viral RNA (vRNA) was isolated from EDTA plasma and BAL 

supernatant using the High Pure Viral RNA kit (Roche) following the 

manufacturer’s protocol with the following modifications: the elution volume was 

increased from 50 to 100 µL and supplemented with RNase Inhibitor (0.3 units/ 

µL, Applied Biosystems). To further improve vRNA recovery, the eluted vRNA 

(100 µL) samples were subjected to a second RNA extraction/elution using the 

RNA Clean and Concentrator kit – 25 (Zymo Research) as per the 

manufacturer’s protocol. The final elution volume of 50 µL was supplemented 

with RNase Inhibitor (0.8 units/ µL, Applied Biosystems). Quantification of vRNA 

was performed as previously described [35]. 

 

Immune Cell Isolation 

PBMCs were isolated from EDTA whole blood using SepMate-50 Isolation 

tubes (Stem Cell Technologies) following the manufacturer’s recommended 

protocol. BAL samples were centrifuged at 1800 rpm for 5 minutes at room 

temperature. BAL supernatant was aspirated and stored at -80℃. Tissue 

samples were cut into small pieces (~0.5 cm) using scissors or surgical scalpels. 

Lung tissue was digested using type IV collagenase (Worthington) and 

deoxyribonuclease (DNase) I (Roche) at 37℃ at 300 rpm for 45 minutes. Cold 

stop media (RPMI supplemented with 10% fetal bovine serum (FBS) and 1% 

anti-anti) was added to the digested lung tissue. Clumps were broken up using 

scissors, and the tissue was plunged ~10 times using a 50 mL serological 
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pipette. Samples were then filtered through a 100-µm cell strainer and 

centrifuged at 400 g for 10 minutes at 4℃. Cells were resuspended in 30% 

Percoll and centrifuged for 12 minutes at 780 g at room temperature. Cells were 

then washed in PBS with 2% FBS. Red blood cells were lysed using 1x ACK 

lysis buffer for 5 minutes on ice, and samples were again washed in PBS with 

2% FBS. Nasal mucosa was digested in Liberase TL (MilliporeSigma) and 

DNase I for 45 minutes at 37℃ while shaking at 250 rpm. Cells were filtered over 

a 70-µm filter, washed in RPMI supplemented with 20% FBS (R20) and 

centrifuged at 400 g for 10 minutes. If needed, red blood cells were lysed using 

1x ACK buffer (Gibco), and samples were again washed in R20. Spleen and 

lymph nodes were mechanically disrupted and filtered using a 70-µm cell 

strainer, washed in R10, and centrifuged at 1800 rpm for 5 minutes. Jejunum and 

colon tissues were digested first with Hanks Balanced Salt Solution (HBSS, 

Corning) supplemented with 1mM EDTA (Invitrogen) for 30 minutes at 37℃ at 

400 rpm. The supernatant was aspirated, and this process was repeated a 

second time. The tissue was then digested in Collagenase II (Sigma-Aldrich) for 

30 minutes at 37℃ at 400 rpm. Cells were filtered over a metal strainer, and the 

process was repeated for any remaining tissue. Cells were filtered over a metal 

strainer and washed in RPMI. Cells were either stained immediately for flow 

cytometry or cryopreserved in Bambanker cell freezing media (GC Lymphotec) at 

1x107 cells/mL and stored at -80℃. 

 

 



 113 

Flow Cytometry 

Whole blood, freshly isolated mononuclear cells from blood, lung, nasal, gut, and 

lymph nodes, or thawed cryopreserved PBMCs, bronchial lymph node (BLN), 

and lung cells were washed in FACS buffer (PBS supplemented with 2% FBS). 

Cells were first stained with 5 µL anti-CD69 antibody in 50 µL Brilliant Stain 

Buffer (BD Biosciences) for 20 minutes at room temperature. Cells were washed 

and resuspended in 1 mL R10 with either DMSO (incubated for 6 hours) or SIV 

Gag peptides (incubated overnight) along with co-stimulatory antibodies (CD28 

and CD49d at one μL/mL) and Brefeldin-A (one μL/mL, BioLegend) at 37℃, 5% 

CO2. Cells were washed in FACS buffer and resuspended in live/dead stain 

cocktail (50 µL PBS with 0.5 µL live/dead stain) (Fixable Aqua Dead Cell Stain 

Kit, Invitrogen) in the dark for 20 minutes at room temperature. Cells were 

washed in FACS buffer, resuspended in a chemokine stain cocktail containing 

Brilliant Stain Buffer (BD Bioscience), and incubated at 37℃ for 15 minutes. 

Surface staining cocktail was then added according to S1 Table with additional 

Brilliant Stain Buffer (for a total of 50 µL Brilliant Stain Buffer), and samples were 

incubated in the dark for an additional 20 minutes at room temperature. Cells 

were washed in FACS buffer and incubated in Cytofix/Cytoperm Buffer (BD 

Biosciences) to fix the cells and allow for intracellular staining. Cells were 

washed in 1x BD Perm/Wash Buffer (BD Biosciences), resuspended in an 

intracellular stain cocktail, and incubated at room temperature for 30 minutes (S1 

Table). In the relevant experiments, MHC Class-I tetramer (Mamu-A*01 SIV Gag 

181-189, CM9, NIH Tetramer Core Facility) was added for 45 minutes at room 
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temperature immediately before the chemokine stain. Cells were washed and 

fixed in 1x BD Stabilizing Fixative (BD Biosciences). Samples were analyzed 

using the BD FACSymphony A5 Cell Analyzer (BD Bioscience) and FlowJo 10 

for Mac OS (Tree Star). 

For sorting experiments, thawed PBMC, lung, and bronchial lymph node 

(BLN) cells were stained in 15 mL conical tubes with live/dead and surface 

cocktails as described above but with 2x the typical antibody concentration. Cells 

were washed in FACS buffer and resuspended in RPMI-1640 without phenol red 

supplemented with 10% FBS. Cells were sorted using fluorescence-activated 

sorting (FACS) to isolate CD3+ T cells from blood and BLN as well as CD3+ ivs- 

and CD3+ ivs+ cells from lung using the BD FACSAria (BD Bioscience) or 

MACSQuant Tyto (Miltenyi Biotec). 

 

Single-Cell RNA Sequencing 

CD3+ T cells from blood and BLN, as well as CD3+ ivs- and CD3+ ivs+ 

cells from lung, were processed for single-cell RNA sequencing (scRNAseq) 

following the 10x Genomics® Single Cell Protocols – Cell Preparation Guide for 

the “preparation of limited samples.” The 10x Genomics Cell Ranger 3.1.0 

pipeline was used to process raw data and generate separate barcodes, 

features, and matrix files for each sample, referencing GTF annotations for the 

Rhesus macaque genome (Macaca mulatta, GCA_003339765.3). Data analysis 

was performed using the Seurat package in R, as previously described in 

Chapter 2 [36]. Briefly, individual Seurat objects were generated for each sample, 
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and the raw count matrices were merged using the merge command. Cells with 

more than 5% mitochondrial genes or more than 2500 genes were excluded from 

further analysis. The standard Seurat workflow for downstream analyses 

comprised normalization, scaling, graph-based clustering using shared nearest-

neighbor, differential gene expression (DEG), and data visualization. As 

described in Chapter 2, the Harmony algorithm was applied to account for batch 

effects and biological variability [37]. 

 

Differential Gene Expression (DEG) Analysis 

 DEG analysis was conducted by comparing T cells across tissues using 

Seurat’s FindAllMarkers function. To illustrate these findings, volcano plots were 

created, highlighting genes with an average log2 fold change (log2fc) greater 

than 0.5 or less than -0.5 and an adjusted p-value less than 0.05 indicating 

statistical significance. 

 

Gene Set Enrichment Analysis (GSEA) 

 GSEA was performed as described in Chapter 2 using Hallmark [38], 

KEGG (http://www.pathway.jp), and Reactome [39] gene collections from The 

Broad Institute Molecular Signature Database (MSigDB) [40,41]. The heatmap in 

Figure 10B illustrates the net enrichment scores (NES) of significantly enriched 

pathways in T cells from each tissue. A false discovery rate of 0.1 was used to 

determine significance. 
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CellChat 

We conducted a thorough analysis of cell communication using the 

network analysis and pattern recognition methodologies offered by CellChat for R 

[42]. Following the standard workflow; we predicted the dominant signaling 

output and input pathways for T cells across tissues. 

 

Results 

Intravascular Staining (ivs) in Rhesus Macaques Reveals Differential Tissue 

Distribution  

Two uninfected Rhesus macaques (RhM) underwent intravascular 

staining (ivs) by receiving an anti-CD45-AL647 antibody via the saphenous vein, 

administered five minutes prior to necropsy. Following euthanasia, cells were 

isolated from tissues and stained for flow cytometry (Fig 1A). We observed 

varying frequencies of ivs+ cells across different tissues (Figs 1B and 1C). All 

CD45+ ex-vivo stained cells in the blood were identified as ivs+, confirming the 

successful administration of the ivs antibody. In the lung, approximately 75% of 

lymphocytes were ivs+, whereas the vast majority of lymphocytes in BAL, nasal 

mucosa, and gut were ivs-. Consistent with the findings of Potter et al., we 

detected CD69 expression, a canonical marker of tissue residence, on ivs- cells 

in tissues, which was mainly absent on cells in the blood (Fig 1D).  

We also observed a distinct difference in the proportions of CD4+ and 

CD8+ T cells across blood and lung samples (Fig 1E). The CD4:CD8 ratio in 
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PBMCs was approximately 2, consistent with findings from other NHP studies 

[43,44]. In stark contrast, the CD4:CD8 ratio in pulmonary ivs+ cells was  

 

 

 

significantly lower, revealing a dominance of CD8+ T cells — a pattern echoing 

the pulmonary ivs- population. This confirms the findings of Potter and 

colleagues and challenges the notion of ivs+ cells simply being “blood 
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contaminants,” for if they were, we would expect their CD4:CD8 ratio to closely 

resemble that of the blood [24]. Further underlying this divergence, we noted a 

pronounced shift in T cell subset distribution across the blood, lung ivs- and lung 

ivs+ populations (Fig 1F). Specifically, TEFF predominated in the pulmonary ivs+ 

subset, far exceeding their proportions in both the blood and pulmonary ivs- 

compartments.  

 

T cell Profiles in Blood, Lung, and Nasal Mucosa  

To delve deeper into the characteristics distinguishing pulmonary ivs+ and 

ivs- cells, we conducted a tSNE analysis on T cells isolated from blood, lung, and 

nasal mucosa (Fig 2). This analysis revealed nine primary clusters of T cells, 

each characterized by a distinct presence across tissues (Fig 2A-F). Four of 

these clusters (Clusters 1, 6, 7, and 9) were identified within the vasculature 

(CD45-ivs+). Clusters 1 and 6 (comprised of CD4+ T cells) and Cluster 7 (CD8+ 

T cells) were enriched in the blood. Conversely, Cluster 9, characterized by 

CD8+ T cells, was found mainly in the lung vasculature. These pulmonary ivs+ 

CD8+ T cells exhibited enhanced cytotoxic potential, demonstrated by elevated 

GZMB expression (Figs 2B and S1), and constituted ~40% of the T cells isolated 

from the lung. These CD8+ T cells were predominantly CD45RA+ CD44+ 

CD62L-, with variable CD69 expression. Additionally, we identified four clusters 

(Clusters 2, 4, 5, and 8) of T cells exhibiting a resident memory phenotype 

(CD69+, ivs-) found in the lung, BAL, and nasal mucosa. Lastly, a separate 
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cluster of CD4+ T cells was found mainly within the nasal mucosa, primarily 

demonstrating a naïve phenotype (Cluster 3, CD4+ CD62L+ CD45RA+, ivs-). 

 

 

 

 

CD69 Expression Across Peripheral and Pulmonary T cells 

CD69 serves a dual function in T cell phenotyping. Constitutive CD69 

expression is a hallmark of TRM, although this is not considered a perfect marker 
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as not all resident memory T cells express CD69. Confounding this, CD69 also 

acts as a marker of recent activation in effector T cells, which upregulate CD69 

upon recognition of their cognate antigen, subsequently preventing their egress 

from tissues [15,45,46]. Here, we found that CD4+ and CD8+ T cells in the blood 

showed minimal to no expression of CD69 (Fig 3A). Conversely, in the lung, 

approximately 50% of the ivs- CD4+ T cells and 70% of the ivs- CD8+ T cells 

expressed CD69. While only a small fraction of pulmonary ivs+ CD4+ T cells 

expressed CD69, a considerable ~30% of the CD8+ T cells were CD69 positive. 

This expression pattern may reflect a recently activated status or hint towards a 

specialized vascular “resident-like” phenotype.  

 

 

 

 

SIV Infection and T cell Dynamics in Rhesus Macaques 

We then aimed to investigate the functional capabilities of pulmonary ivs+ 

and ivs- CD8+ T cells in SIV-infected RhM. Four RhM were exposed to 

SIVmac239 and placed on antiretroviral treatment (ART) two weeks following 
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infection. ART treatment continued for approximately one year, after which the  

animals were euthanized four weeks following the cessation of ART (Fig 4A). 

Viral and T cell dynamics followed the typical pattern with peak viremia at 

approximately two weeks post-infection (Fig 4B). The animals experienced an 

initial decline in peripheral CD4+ T cells, which began to rebound two weeks after 

the initiation of ART treatment (Fig 4C and 4D). SIV was also detected in BAL at 

two- and four-weeks post-infection with CD4+ and CD8+ T cell kinetics similar to 

that in the blood (Figs 4E-4G). Sampling of BAL cells over the course of infection 

revealed SIV-specific T-cell responses during acute SIV infection and at low 

levels over the course of infection (Fig 4H and 4I). 
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Phenotypic Trends of ivs+ and ivs- CD8+ T Cells Post-SIV Infection 

Phenotypic analysis of pulmonary (ivs- and ivs+) and peripheral T cells at 

necropsy revealed patterns similar to those of the naïve animals (Figs 1E, 1F, 

and 5). While SIV infection resulted in a decrease in CD4+ T cells and thus the 

CD4:CD8 ratio, the distribution of T cells was similar to that of the naïve animals 
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with far greater proportions of CD8+ T cells in both the lung tissue and lung 

vasculature as compared to the blood (Fig 5A). Again, we found that the ivs- cells 

had significantly higher expression of the memory marker CD95 compared to 

ivs+ cells, supporting the predominance of effector T cells in the pulmonary 

vasculature (Fig 5B). Similar to the naïve animals, pulmonary ivs- memory CD8+ 

T cells displayed significantly higher expression of CD69, with ivs+ cells 

exhibiting greater CD69 expression than those in the blood (Fig 5C and 6A). 

 

 

 

 

Functional Profiling of Memory CD8+ T Cells in the Lung 

We then examined functional responses of memory CD8+ T cells present 

in the lung. Memory CD8+ T cells expressing GZMB, IFN-!, and TNF-⍺ were 

found in significantly higher proportions in the pulmonary ivs+ compartment, 
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whereas those producing IL-2 were predominantly located within the tissue (ivs-) 

(Fig 6A). We then assessed the frequency of cytokine-producing CD8+ T cells in 

peripheral and pulmonary ivs- and ivs+ compartments (S2 Fig). Because effector 

CD8+ T cells dominate in the pulmonary vasculature, we examined both the 

overall CD8+ T cell responses and the memory CD8+ T cell responses following 

overnight stimulation with SIV Gag peptides. We found that the pulmonary ivs+ 

cells had significantly higher levels of GZMB and TNF-⍺ (overall CD8+ T cells, 

S2A Fig) with significantly lower levels of IL-2 (memory CD8+ T cells, S2B Fig).  
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Characterization of SIV-Specific CD8+ T cells Through MHC Class-I Tetramer 

Staining 

We then aimed to characterize SIV-specific CD8+ T cells through MHC 

Class-I tetramer staining (A01-CM9+) (Fig 7A – 7D) in one of the SIV-infected 

animals. Flow cytometry plots in Figure 7B illustrate Tetramer+ memory CD8 T 

cells present at 53 and 58 weeks post-SIV infection. Four weeks post-ART 

interruption (week 58), we observed a marked expansion of SIV-specific memory 

CD8+ T cells in both blood (rising from 1.58% to 7.61%) and BAL (rising from 

1.00% to 5.56%). When comparing pulmonary tissue-resident and vasculature-

associated cells, we found SIV-specific CD8+ T cells to be more abundant in the 

pulmonary tissues (ranging from 4-8%) than in the pulmonary vasculature 

(ranging between 2-3%), varying by lung lobe (Fig 7C). In this animal, we 

observed an unusually high proportion of ivs+ cells in BAL at ~ 10%. Typically, 

our findings show that only 1-2% of BAL cells stain positive for the infusion 

antibody. Given this, we suspect that the BAL sample from this particular animal 

likely contained significant blood contamination. As a result, we omitted the BAL 

ivs+ cells from further analysis.  
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Characterization of the phenotypic differences between the ivs+, ivs-, and 

circulating SIV-specific CD8+ T cells showed that ivs- cells in the lower 

respiratory tract expressed markers indicative of TRM. These cells show higher 

expression of retention markers (CD69, CD49a), lower expression of markers 

that promote tissue egress (CD62L), exhibit higher expression of chemokine 

receptors associated with tissue residence (CXCR3, CCR5), and show evidence 

of memory (CD95, CD45RA-). Lack of Ki-67 and CD38 expression, combined 
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with expression of PD-1, suggests that the CD69 expression on ivs- cells is not a 

consequence of recent activation but rather signifies tissue residency.  

In contrast, the ivs+ virus-specific CD8+ T cells isolated from the lung 

show characteristics consistent with a recently activated effector phenotype, 

underscored by elevated Ki-67 and CD38 expression. Setting them apart from 

virus-specific T cells in the blood, the pulmonary ivs+ cells exhibited reduced 

expression of CD62L and elevated expression of CD103 (a cell adhesion 

marker). Reflecting the predominance of effector-like CD8+ T cells within the 

pulmonary vasculature discussed earlier, these cells displayed decreased CD95 

expression compared to both TRM and peripheral T cells. 

 

Single-Cell RNA Sequencing 

We then set out to examine the transcriptomic profiles of pulmonary 

tissue-resident (ivs-) and vasculature-associated (ivs+) T cells (Fig 8A). Using 

FACS, we isolated CD3+ T cells from blood and bronchial lymph node (BLN) as 

well as CD3+ ivs- and CD3+ ivs+ cells from the lungs of an SIV-infected RhM 

and performed scRNAseq on each subset. Uniform manifold approximation and 

projection (UMAP) analysis revealed 10 unique T cell clusters with varying 

distribution across the four compartments (Figs 8B and 8C). Six of these clusters 

expressed CD8A (Pops 0, 1, 2, 3, 5, and 9), two expressed CD4 (Pops 4 and 8), 

and the remaining two clusters were undefined (Pops 6 and 7). 

Pop 0 (orange) had molecular signatures consistent with TRM. These 

CD8+ T cells were characterized by expression of CD69, ITGAE (CD103), ITGA1 
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(CD49a), and CD44. Pop 0 was the dominant population in the pulmonary ivs- 

compartment at 34%, it was also found in the BLN, accounting for 26% of T cells 

in the BLN. Pop 1 (bright blue) consisted of CD8 TEFF/TEM cells, notably 

distinguished by their elevated GZMB expression. Unique to this cluster was the 

expression of the fractalkine/CX3CL1 receptor CX3CR1. Studies in mice have 

shown that CX3CR1hi CD8+ T cells are primarily localized within the vasculature 

[47]. Here, this population was highly enriched in the pulmonary vasculature, 

accounting for 31% of the ivs+ T cells in the lung, was largely undetectable in 

tissues, and constituted 12% of T cells in the blood. Pop 2 (green) represented 

another distinct population of CD8+ TEFF/TEM cells. Pop 2 cells were similar to 

Pop 1 but with decreased expression of GZMB, TGFBR2/3, integrins ITGA1, 

ITGA4, ITGAE, ITGAL, ITGAV, ITGB1, and ITGB2, as well as markers 

associated with cell adhesion (CX3CR1, CD99) (Figs 8D-8E, Tables S2 and S3). 

Pop 2 cells were found in similar proportions in both the pulmonary ivs- and ivs+ 

compartments, appeared at lower levels in the blood, and were rarely detected in 

the BLN. Pop 3 (dark blue) was found in all four tissues and consisted of CD8+ T 

cells with elevated CCL5, IL2RB, and KLRB1 expression (blood = 18%, lung ivs+ 

= 15%, lung ivs- = 9%, and BLN = 5%). Pop 4 (gray) represents naïve or resting 

CD4+ T cells. This population was characterized by markers such as CCR7, 

SELL, TCF7, and PECAM1, with a notable predominance in the BLN, making up 

39% of the T cell subset. Pop 5 (yellow) consisted of CD8+ CCR7+ TCM cells 

distinguished by residency markers ITGA1 and CD69 and were primarily 

localized within the BLN and lung tissue (ivs-). Pop 6 (pink) represents an 
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undefined subset of T cells largely found in the blood. Pop 7 (light blue), a rare 

cluster, appeared both in lung ivs- and ivs+ and closely resembled Pop 6. Pop 8 

(brown), an extremely rare population found in the BLN and blood, possibly 

representing follicular helper or recently activated CD4+ T cells with expression 

of PECAM1, BCL6, CXCR5, CD38, CD44, and SELL. Lastly, Pop 9 (blue) 

consisted of proliferating CD8+ T cells (MKI67 and HMGB2). 

Each tissue environment seemed to favor specific T cell populations, 

reflecting the unique functional demands of those tissues. CD4+ T cells were the 

dominant T cell population in the BLN, whereas CD8+ T cells were dominant in 

the lung (both ivs- and ivs+). The blood displayed a more heterogeneous 

landscape of T cells, with no single population that was overwhelmingly 

dominant, which suggests a broader repertoire of T cell states, catering to 

systemic requirements. 
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Tissue-Specific Gene Expression Profiling of T Cells 

We then set out to explore the phenotypic and functional transcriptomic 

profiles of T cells across tissues (Fig 9). Our analysis revealed distinct gene 

expression patterns related to tissue residency, lymph node homing, and T cell 

functionality. T cells from lung tissue (ivs-) consistently displayed the highest 

expression of transcripts associated with tissue residence (CD69, ITGAE 

(CD103),  ITGA1 (CD49a), CD44, and RUNX3) (Fig 9A). Notably, T cells in the 

lung vasculature (ivs+) displayed a marked increase in expression of residency 

markers CD69 (compared to peripheral T cells) as well as CD44 and RUNX3 

(compared to both peripheral and BLN T cells). As expected, T cells in the BLN 

demonstrated increased expression of lymph node homing receptors CCR7 and 

SELL (CD62L). 
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Functional profiling also showed distinct differences across tissues. The 

lung ivs+ cells were found to have high expression of transcripts associated with 

cytotoxic killer cells, with significantly higher levels of GZMB, RAB27A, and 

PRFN1 compared to T cells from other sites. Both subsets of lung T cells ⎯ ivs- 

and ivs+ ⎯ featured considerably higher expression of TGFB1 and TGFBR2, 

while T cells in the BLN had the highest expression of TGFBR1 (Fig 9B).  
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Differential Transcriptomic Signatures 

DEGs and GSEA revealed additional phenotypic and functional 

differences among the T cells (Figs 10 and S3). Lung ivs- T cells displayed 

enrichment in the TNF-⍺, IL-2, IL-4/IL-13, and IFN-! inflammatory signaling 

pathways (Fig 10B). DEG analysis showed increased expression of genes 

associated with tissue residence, such as ITGA1(CD49a) and ICOS [48], further 

defining their tissue-bound nature (Figs 10A and S3).   

GSEA of pulmonary vasculature (ivs+) T cells indicated unique 

immunological signaling pathways that differed from those in lung tissue. 

Specifically, the ivs+ cells displayed enrichment in immune signaling pathways 

linked to IL-10, IL-3/IL-5/GM_CSF, and Type I IFN (Fig 10B). GZMB ranked 

second among the top DEGs, emphasizing their cytotoxic capacity, which was 

further underscored by enrichment in genes associated with Natural Killer (NK)  

cell cytotoxicity (Figs 10A, 10B, and S3). Another notable feature of these cells 

was their upregulation of heat shock proteins (HSP), namely HSP90A1, HSPH1, 

and HSPD1. Recent studies have indicated that HSPs are upregulated upon 

CD3/CD28 stimulation [49]. We also noted the enrichment of several metabolism 

pathways, including glycosaminoglycan, heme, and lipids. Enrichment of the 

antigen processing and presentation and the platelet activation, signaling, and 

aggregation pathways was another interesting finding. Endothelial cells in the 

vasculature have the ability to act as semi-professional antigen-presenting cells 

[50]. The upregulation of the antigen processing and presentation pathway 
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suggests a possible engagement between the ivs+ cells and endothelial cells in 

the pulmonary vasculature.  

T cells in the blood and BLN node were predominately characterized by 

pathways associated with protein synthesis and metabolism (Fig 10B). T cells 

localized to the BLN displayed genes linked to lymph node homing, including 

SELL and PECAM1, as well as elevated expression of JUN, TCF7, and LEF1, 

suggesting a predominance of cells with a more naïve or recently activated 

phenotype (Fig 10A). Interestingly, analysis of DEGs from T cells in the blood 

revealed marked downregulation of genes compared to the other tissues, 

highlighting these cells’ less differentiated nature (Fig 10A). 
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Cellular Communication Analysis with CellChat 

To elucidate communication patterns among T cells in the pulmonary 

tissue, pulmonary vasculature, blood, and BLN, we conducted CellChat analysis 

[42]. Signaling between soluble and membrane-bound factors significantly 

influences a range of cellular outcomes. While cell interactions predominately 

occur within limited spaces, the communication networks identified among T cells 

across various compartments extend beyond direct cell-to-cell contact. They can 

also offer a deeper understanding of the unique outgoing and incoming signaling 

characteristics specific to each location. Here, CellChat analysis identified 18 

significant ligand-receptor pairs across our T cell subsets (Fig 11A). T cells within 

the pulmonary vasculature (ivs+) emerged as the dominant senders, displaying 

robust outgoing signaling patterns, while T cells in the BLN were the dominant 

receivers (Fig 11B). Although pulmonary ivs+ cells exhibited pathways related to 

soluble mediators such as TGFβ and IL-2, a consistent theme was their 

enrichment in receptors/ligands linked to T cell migration, adhesion, and 

extravasation (Fig 11C). Key markers such as CD99, ALCAM, ADGRE5, ITGB2, 

ITGAL, and SELPLG were enriched in the pulmonary ivs+ T cells (Figs 11C and 

11D) [51–55]. 

Analysis of cellular interactions within the pulmonary ivs- cells revealed 

pathways linked to the regulation of T cell effector responses, including cytotoxic 

capacity and cytokine secretion (CLEC2D-KLRB1) [56], as well as regulation of T 

cell activation and the suppression of inflammation (TRAIL) (Fig 11) [57–59]. The 

CLEC2D-KLRB1 pathway was also enriched in the ivs+ subset, although to a 
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lesser degree. Both the ivs- and ivs+ T cell subsets showed significant 

involvement in the TGFβ pathway, aligning with the elevated expression of 

TGFBR2 (Fig 9B). TGFβ has been shown to promote differentiation and survival 

of TRM [60,61]. The enhanced propensity for TGFβ signaling in both ivs- and ivs+  

cells supports a tissue-resident/tissue-resident-“like” phenotype. This, coupled 

with upregulation of CLEC2D-KLRB1 and TRAIL pathways in the ivs- subset, 

suggests a possible local adaptation within the lung environment, likely aimed at 

regulating immune responses to mitigate excessive inflammation and potential 

tissue damage.  

 

 

 



 138 

Adhesion and Extravasation Gene Analysis 

We identified a heterogeneous expression profile upon examining 

adhesion and extravasation genes among the T cell subsets (Fig 11D). Lung ivs- 

and ivs+ cells displayed elevated expression of the genes ALCAM (cell adhesion) 

and CD99 (extravasation). High expression of CD99 suggests that the ivs+ cells 

are primed for or in the process of migrating into the lung tissue. For the ivs- T 

cells, the elevated expression of CD99 could be a remnant of their extravasation 

process [62,63]. Transcripts for, ITGAL (CD11a), ITGAM (CD11b), and ITGB2 

(CD18) were also enriched in the ivs+ T cell population. ITGAL and ITGB2 

together form the integrin LFA-1, while ITGAM and ITGB2 form Mac-1 [54,64–

67]. These integrins are crucial for leukocyte adhesion. They establish high-

affinity interactions with endothelial intercellular adhesion molecule 1 (ICAM-1) 

and ICAM-2, resulting in the cells’ firm arrest and attachment to the vascular 

endothelium. In addition, the integrin alpha V subunit ITGAV and CD6, also 

involved in cell adhesion, were found mainly in ivs+ T cell subset [52]. 

The integrin alpha 1 subunit (ITGA1, CD49a), which is associated with 

tissue residence, was enriched in both lung ivs- and BLN T cells. T cells in the 

BLN also displayed markers similar to T cells in both the blood and lung ivs+ 

compartments. BLN and peripheral T cells exhibited elevated expression of 

PECAM1, ITGA4, and ITGB1 transcripts. Together, ITGA4 (CD49d) and ITGB1 

(CD29) form the integrin VLA-4, which binds to vascular cell adhesion molecule 1 

(VCAM-1) on endothelial cells [68], suggesting T cells in the BLN and blood 

follow different adhesion and extravasation pathways than those in the lung. 
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Similar to T cells in the pulmonary vasculature, BLN T cells exhibited heightened 

expression of ITGAL and ADGRE5.  

 

Pulmonary ivs+ CD8+ T cells have a transcriptomic profile distinct from 

peripheral CD8+ T cells 

Because the pulmonary ivs+ subset was enriched in CD8+ T cells, we 

aimed to tease out the differences between the ivs+ CD8+ T cells and those in 

the periphery. We found that the ivs+ CD8+ T cells had significantly higher 

expression of markers promoting retention (CD69, RUNX3, and CD44) and 

decreased expression of markers linked to trafficking (SELL/CD62L and KLF2) 

(Fig 12) [69–72]. Pulmonary ivs+ CD8+ T cells also showed significant 

enrichment in genes coding for proteins involved in cytotoxicity (GZMB, RAB27A, 

PRF1, KLRB1, IL21R, CCL3, and SEMA7A) [73]. We then compared molecular 

signatures associated with cell surface interactions at the vasculature wall 

(Reactome pathway analysis, DOI 10.3180/REACT_12051.1). Our analysis 

revealed that CD8+ T cells within the lung vasculature displayed significantly 

higher expression of genes promoting cell surface-vascular wall interactions than 

their peripheral counterparts. Specifically, pulmonary ivs+ CD8+ T cells exhibited 

increased expression of key genes such as LYN, TGFB1, PIK3R1, INPP5D, 

ITGAV, DOK2, ITGA5, CD44, SLC7A5, PLCG1, GRB2, SLC3A2, ITGB2, 

ATP1B3, ITGAL, and F11R (Fig 13). This suggests a heightened ability for the 

pulmonary ivs+ T cells to interact with endothelial cells at the pulmonary vascular 

wall and lends additional evidence of a “resident-like” phenotype. Similar to the 
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overall peripheral T cell subset, peripheral CD8+ T cells had significantly higher 

PECAM1, SELL, and ITGA4 expression. 
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Discussion 

Intravascular staining (ivs) offers a novel approach for distinguishing 

tissue-resident cells from vascular-associated counterparts, especially within 

highly vascularized organs such as the lung [22]. This technique involves infusing 

a fluorochrome-labeled anti-CD45 antibody, which labels leukocytes within the 

vasculature (ivs+) while tissue-resident cells remain unlabeled (ivs-). We utilized 

this method in Rhesus Macaques (RhM) to aid in the isolation of T cells from lung 

and respiratory mucosa for subsequent flow cytometric and single-cell RNA 

sequencing (scRNAseq) analysis.  
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Conventionally, pulmonary ivs+ cells are regarded as “blood 

contaminants” — cells residing in blood vessels of organs at the time of necropsy 

that inadvertently mix with tissue-resident cells during tissue processing [22,23]. 

However, our comprehensive analysis reveals that this population of T cells is 

phenotypically and functionally distinct from those in the blood. Notably, CD8+ T 

lymphocytes were shown to be enriched within the pulmonary vasculature, far 

exceeding their frequency in the blood. Delving deeper through flow cytometry 

and scRNAseq, we found that ivs+ CD8+ T cells predominantly exhibit an 

effector phenotype, highlighted by their elevated expression of cytolytic markers, 

indicating enhanced cytotoxic potential. 

Echoing the findings from Potter et al., our results reiterate and expand 

upon the observations of distinct differences between PBMCs and ivs+ cells 

across non-lymphoid tissues [24]. We found increased expression of transcripts 

associated with a non-circulating phenotype, including CD69, CD44, and 

RUNX3, and low expression of genes that promote egress, such as CCR7, 

SELL, and KLF2 [69–72]. Additionally, we detected elevated expression of 

TGFB1, a promoter of TRM survival and differentiation similar to T cells in the lung 

parenchyma  [60,61]. Potter and colleagues theorized the perivascular capillary 

bed as a potential residence for these ivs+ cells — a specialized niche, as 

characterized by Pabst and Tschernig, that allows plasma access but limits cell 

movement [19,20]. Such strategic positioning may allow for rapid immune 

responses and potentially foster alternative routes for cell migration [19].  
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By harnessing the granularity of single-cell RNA sequencing, we identified 

enrichment of cell adhesion and extravasation-associated genes in pulmonary 

ivs+ T cells. Studies in mice suggest that T cell migration to and retention in the 

pulmonary vasculature is mediated in part through interactions between vascular 

endothelial adhesion molecules, ICAM-1 and ICAM-2, and T cell expression of 

integrin LFA-1, a heterodimer of CD11a/ITGAL + CD18/ITGB2  [74,75]. Here, our 

pulmonary ivs+ T cells had significantly higher expression of ITGAL and ITGB2 

transcripts. Comparison of peripheral and pulmonary ivs+ cells revealed that 

CD8+ T cells in the pulmonary vasculature had elevated expression of a number 

of genes associated with immune cell-endothelial cell interactions including LYN, 

TGFB1, PIK3R1, INPP5D, ITGAV, DOK2, ITGA5, CD44, SLC7A5, PLCG1, 

GRB2, SLC3A2, ITGB2, ATP1B3, ITGAL, and F11R. This further supports the 

concept of a specialized niche within the pulmonary vascular that selectively 

retains specific cell subsets. 

Exploring the functional capabilities of pulmonary ivs+ T cells during SIV 

infection in RhMs revealed heightened activity upon SIV-Gag stimulation. CD8+ 

T cells expressing GZMB, IFN-!, and TNF-⍺ were found in significantly greater 

proportions in the pulmonary ivs+ compartment compared to the pulmonary 

tissue (ivs-). Utilizing SIV-tetramer staining, we identified virus-specific CD8+ T 

cells present in both blood and lung. Tetramer-specific CD8+ T cells in 

pulmonary tissue and airways (ivs-) exhibited a TRM phenotype, whereas those in 

the pulmonary vasculature (ivs+) were characteristic of effector-oriented cells. As 

most models of CD8+ T cell-mediated protection against HIV/SIV focus almost 
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entirely on studies of peripheral blood, the identification of SIV-specific T cells 

within the pulmonary interstitium and pulmonary vasculature is a noteworthy 

finding that has implications for targeting pulmonary viral reservoirs and should 

be further explored. 

Consistent with our findings, Buggert et al. identified distinct subsets of 

cytotoxic CD8+ effector T cells in blood samples that were absent in thoracic duct 

lymph (TDL) collected from humans and NHP [76]. Buggert suggested that the 

retention of powerful cytotoxic T cells within the vasculature might serve a 

protective function, preventing immune-induced tissue damage. Our study further 

supports this idea, as we observed that the ivs+ CD8+ T cells in the pulmonary 

vasculature exhibited pronounced cytotoxicity, with increased molecular 

transcripts and protein expression of cytotoxic markers compared to CD8+ T 

cells in the lung parenchyma (ivs-). Our work identifies and defines a unique 

population of intravascular T cells which may serve as efficacious targets of 

diseases with known immunopathology. Targeting this highly activated subset 

before it can leave the vasculature and impact tissues may reduce disease 

severity in conditions proven to have immunopathology, such as COVID-19.  

Collectively, our study reinforces the notion of a distinct vascular niche in 

non-lymphoid tissues, such as the lung, as illuminated by ivs. The unique 

features of pulmonary ivs+ T cells, particularly the enrichment of CD8+ T cells 

with enhanced functionality, redefine these cells as a specialized population, 

distinct from lingering blood lymphocytes, and highlight their intrinsic value in 

tissue immunity.  
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Conclusion 

Our results challenge the conventional perspective of pulmonary ivs+ cells 

as “blood contaminants.” Instead, our findings bolster that of previous research 

suggesting that these cells are a unique cellular cohort, specific to the pulmonary 

vasculature, that plays a pivotal role in lung immunity. Understanding the 

nuanced differences between tissue-resident T cells, vascular “resident-like” T 

cells, and circulating blood T cells will help unlock deeper insights into lung 

immunology and its implications in diseases such as respiratory infections, 

asthma, COPD, and lung cancer. 
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Supplementary Table 1. Flow cytometry antibodies. 
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cluster gene p_val avg_log2FC pct.1 pct.2 p_val_adj
0 GZMK 8.51E-129 1.403992915 0.511 0.168 1.41E-124
0 ANK3 8.42E-86 1.022380119 0.523 0.22 1.39E-81
0 PAG1 6.39E-108 0.943022072 0.838 0.5 1.06E-103
0 BTBD11 7.57E-81 0.878040908 0.785 0.454 1.25E-76
0 NIBAN1 7.47E-31 0.778818116 0.721 0.56 1.24E-26
0 GPR183 2.13E-63 0.71447396 0.519 0.25 3.53E-59
0 ATP8A1 1.61E-46 0.697296611 0.781 0.579 2.67E-42
0 CHN2 1.84E-45 0.684232364 0.848 0.663 3.04E-41
0 MPP7 1.73E-48 0.656291285 0.89 0.701 2.86E-44
0 ICOS 6.89E-35 0.641702625 0.563 0.354 1.14E-30
0 ERN1 9.40E-39 0.635764622 0.736 0.516 1.56E-34
0 RUNX2 2.21E-34 0.634798282 0.52 0.317 3.65E-30
0 NEDD4L 2.43E-51 0.627940088 0.644 0.396 4.02E-47
0 LRIG1 2.83E-37 0.621006398 0.629 0.434 4.69E-33
0 TTC39C 1.86E-41 0.62024571 0.798 0.607 3.09E-37
0 ITGA1 2.71E-38 0.612321742 0.455 0.243 4.49E-34
0 NBEAL1 6.07E-29 0.592802506 0.549 0.373 1.00E-24
0 JAML 2.27E-42 0.566630102 0.628 0.409 3.76E-38
0 BICDL1 4.24E-34 0.564501077 0.946 0.788 7.03E-30
0 ATXN1 1.17E-37 0.56251132 0.831 0.647 1.94E-33
0 ARHGAP10 4.28E-42 0.55902846 0.479 0.258 7.09E-38
0 IMMP2L 2.93E-26 0.550572725 0.641 0.46 4.86E-22
0 RHOH 3.80E-35 0.544850938 0.831 0.65 6.30E-31
0 SFMBT2 1.80E-32 0.53599458 0.41 0.229 2.97E-28
0 CPE 2.03E-39 0.524295841 0.255 0.098 3.37E-35
0 COTL1 7.41E-43 0.522616163 0.703 0.491 1.23E-38
0 NR3C2 8.36E-24 0.5212102 0.408 0.249 1.38E-19
0 PDZRN3 7.92E-12 0.517851571 0.277 0.18 1.31E-07
0 NBEA 1.57E-38 0.503313219 0.343 0.162 2.59E-34
1 GZMB 7.98E-266 1.578362559 0.983 0.548 1.32E-261
1 BABAM2 4.09E-263 1.519981045 0.986 0.692 6.78E-259
1 CHSY3 2.08E-124 1.399805444 0.275 0.037 3.44E-120
1 GPR141 4.32E-285 1.385577364 0.647 0.11 7.15E-281
1 DOCK5 2.26E-219 1.374950286 0.711 0.196 3.74E-215
1 ROR2 1.25E-170 1.365815938 0.491 0.107 2.08E-166
1 ARHGAP32 1.21E-138 1.333808376 0.451 0.11 2.00E-134
1 NTN4 1.58E-143 1.293371238 0.41 0.083 2.62E-139
1 JAKMIP2 1.60E-171 1.285447969 0.641 0.19 2.66E-167
1 RAP1GAP2 6.34E-199 1.244322381 0.929 0.408 1.05E-194
1 STK3 1.05E-93 1.088863654 0.419 0.138 1.73E-89
1 FRY 5.78E-173 1.087761223 0.603 0.164 9.57E-169
1 RGS9 5.28E-151 1.049877999 0.956 0.621 8.75E-147
1 SH3BP5 1.32E-133 1.035989524 0.584 0.2 2.18E-129
1 ZEB2 4.46E-114 0.972189247 0.941 0.606 7.39E-110
1 CLIC5 5.10E-114 0.935584 0.79 0.408 8.45E-110
1 KLF3 3.48E-133 0.929382897 0.779 0.378 5.77E-129
1 CX3CR1 9.16E-181 0.91887512 0.443 0.076 1.52E-176
1 SH3RF1 7.52E-74 0.909927037 0.338 0.104 1.25E-69
1 RAPGEF2 3.71E-94 0.909308384 0.911 0.659 6.14E-90
1 PTPRJ 7.69E-99 0.883231479 0.89 0.564 1.27E-94
1 DNAJC1 3.58E-118 0.852935203 0.971 0.718 5.94E-114
1 FAM102B 8.67E-77 0.845723711 0.616 0.304 1.44E-72
1 TTC3 7.12E-70 0.830676349 0.546 0.267 1.18E-65
1 SLCO3A1 7.84E-107 0.818004727 0.947 0.685 1.30E-102
1 NHSL2 5.31E-108 0.817299419 0.317 0.064 8.79E-104
1 TGFBR3 6.49E-77 0.795164516 0.846 0.505 1.07E-72
1 S100A10 1.21E-123 0.777653344 0.973 0.814 2.00E-119
1 SETBP1 3.75E-74 0.759802555 0.41 0.148 6.21E-70

Supplemental Table 2
 Top differentially expressed genes (DEGs) for each seurat cluster
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cluster gene p_val avg_log2FC pct.1 pct.2 p_val_adj
2 GZMB 6.86E-28 0.721440887 0.716 0.615 1.14E-23
2 S100A10 6.14E-16 0.50473822 0.771 0.859 1.02E-11
2 GAPDH 7.95E-07 0.479605066 0.703 0.834 0.013161
2 S100A4 5.88E-12 0.431994126 0.805 0.828 9.74E-08
2 FTH1 0.003614 0.426020558 0.752 0.884 1
2 UBB 7.22E-06 0.40683226 0.727 0.877 0.119559
2 COX2 1.83E-50 0.389776652 0.997 1 3.03E-46
2 HSPH1 0.007036 0.384218834 0.675 0.772 1
2 ATP6 3.47E-36 0.383744745 0.972 0.998 5.75E-32
2 GADD45B 0.004016 0.378380932 0.411 0.566 1
2 ND4L 0.000133 0.372032935 0.604 0.737 1
2 HSP90AA1 8.56E-11 0.366889782 0.857 0.926 1.42E-06
2 COX3 2.06E-31 0.364858178 0.995 1 3.40E-27
2 RABAC1 0.002161 0.364274625 0.312 0.451 1
2 FTL 0.000323 0.357903101 0.744 0.883 1
2 ND4 7.38E-18 0.333890909 0.925 0.994 1.22E-13
2 IL10RA 6.77E-06 0.33140136 0.279 0.432 0.112054
2 ND2 1.24E-14 0.317708526 0.894 0.988 2.05E-10
2 LDHA 0.002464 0.314660704 0.389 0.559 1
2 HNRNPH1 1.21E-06 0.314609478 0.485 0.735 0.020015
2 CD99 0.007567 0.309837726 0.431 0.616 1
3 CMC1 6.02E-196 1.756480243 0.711 0.207 9.96E-192
3 LYN 1.06E-183 1.670742321 0.672 0.173 1.76E-179
3 IKZF2 4.35E-214 1.646802002 0.814 0.231 7.21E-210
3 CCL5 1.58E-163 1.43400772 0.938 0.527 2.62E-159
3 PDGFD 2.36E-147 1.347289524 0.522 0.115 3.90E-143
3 KIR3DH 0 1.334132675 0.442 0.016 0
3 KCNQ5 6.07E-108 1.276331396 0.602 0.208 1.00E-103
3 BTBD11 4.10E-84 1.22396435 0.821 0.474 6.78E-80
3 NCR1 0 1.217602989 0.501 0.02 0
3 VAV3 3.24E-117 1.130636712 0.861 0.451 5.37E-113
3 CTSW 1.10E-133 1.119092706 0.661 0.217 1.81E-129
3 UNC5D 9.90E-89 1.103982169 0.393 0.101 1.64E-84
3 GZMM 2.13E-122 1.103073897 0.887 0.525 3.53E-118
3 PLAC8 8.39E-147 1.101329617 0.522 0.121 1.39E-142
3 PLCB1 5.37E-102 1.082155088 0.716 0.292 8.89E-98
3 UBASH3B 1.48E-89 1.069501364 0.711 0.334 2.45E-85
3 AOAH 1.15E-205 1.048460135 0.407 0.04 1.90E-201
3 KLRB1 3.15E-81 1.019813066 0.734 0.367 5.21E-77
3 PITPNC1 6.61E-136 0.986514227 0.998 0.905 1.09E-131
3 PLCG2 4.04E-108 0.964541416 0.651 0.235 6.68E-104
3 AFF3 1.36E-72 0.941986303 0.47 0.165 2.25E-68
3 ITGAX 1.87E-155 0.934828295 0.322 0.034 3.10E-151
3 SLC24A3 1.79E-83 0.93339208 0.3 0.062 2.96E-79
3 IL12RB2 2.93E-40 0.874452028 0.41 0.185 4.84E-36
3 TEC 1.45E-88 0.870926081 0.682 0.283 2.40E-84
3 PTPRM 8.53E-75 0.86840469 0.271 0.056 1.41E-70
4 LEF1 5.93E-278 2.250461267 0.472 0.037 9.82E-274
4 PLCL1 2.36E-157 1.549467314 0.359 0.044 3.91E-153
4 ITGB1 1.19E-75 1.477203402 0.68 0.393 1.97E-71
4 INPP4B 2.41E-97 1.348440068 0.861 0.561 3.99E-93
4 LTB 1.02E-108 1.317551954 0.795 0.423 1.70E-104
4 SPOCK2 1.76E-216 1.311301538 0.758 0.179 2.91E-212
4 GPHN 9.07E-55 1.258679738 0.425 0.174 1.50E-50
4 MAML2 4.05E-65 1.152521402 0.794 0.492 6.70E-61
4 LDLRAD4 1.11E-118 1.141698346 0.439 0.099 1.84E-114
4 CD28 2.67E-132 1.053409617 0.541 0.137 4.42E-128
4 IL6R 1.66E-255 1.029975478 0.38 0.019 2.76E-251
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cluster gene p_val avg_log2FC pct.1 pct.2 p_val_adj
4 PCNX2 1.33E-110 1.014627505 0.497 0.135 2.21E-106
4 ST6GALNAC51.36E-123 1.011964076 0.269 0.03 2.25E-119
4 DNM3 1.02E-62 1.006265173 0.406 0.149 1.69E-58
4 NRIP1 7.44E-43 0.993892944 0.464 0.222 1.23E-38
4 RCAN3 3.12E-152 0.954676967 0.409 0.064 5.17E-148
4 AKT3 1.09E-92 0.942031529 0.866 0.431 1.80E-88
4 IL6ST 5.36E-83 0.9411802 0.412 0.122 8.87E-79
4 BACH2 3.77E-46 0.917839009 0.541 0.276 6.25E-42
4 STK24 9.47E-63 0.91388723 0.652 0.338 1.57E-58
4 BCL2 4.13E-33 0.89991429 0.787 0.577 6.84E-29
4 PECAM1 9.31E-53 0.893232925 0.391 0.152 1.54E-48
4 DGKA 3.24E-86 0.864596144 0.588 0.235 5.37E-82
4 TLK1 3.33E-73 0.857511694 0.819 0.502 5.51E-69
4 MAML3 3.20E-39 0.857218843 0.266 0.093 5.29E-35
4 SUCLG2 9.92E-51 0.854397122 0.675 0.413 1.64E-46
4 SLC9A9 2.36E-32 0.842332393 0.77 0.581 3.91E-28
4 DIP2C 1.42E-140 0.837298021 0.367 0.054 2.35E-136
4 ITGA6 1.21E-58 0.821301756 0.475 0.197 2.01E-54
5 ZBTB16 0 2.230104767 0.727 0.024 0
5 TMEM132C 0 2.196655351 0.533 0.011 0
5 KCNK13 1.15E-116 2.170422966 0.361 0.051 1.91E-112
5 PDZRN3 1.17E-129 1.720588668 0.646 0.159 1.94E-125
5 DOCK3 1.90E-181 1.645931188 0.789 0.189 3.14E-177
5 MAST4 7.73E-187 1.573354432 0.56 0.078 1.28E-182
5 ITGA1 1.12E-113 1.53219377 0.747 0.244 1.86E-109
5 RORA 6.65E-106 1.522626348 0.953 0.631 1.10E-101
5 SPOCK2 8.48E-123 1.51081412 0.705 0.214 1.40E-118
5 JUN 4.40E-58 1.438726815 0.904 0.692 7.29E-54
5 TNFAIP3 3.66E-90 1.413116818 0.934 0.637 6.06E-86
5 IL7R 6.77E-105 1.413104468 0.919 0.491 1.12E-100
5 MED12L 3.93E-200 1.392123011 0.484 0.05 6.50E-196
5 NFKB1 1.01E-53 1.390476337 0.86 0.576 1.67E-49
5 KIAA1217 4.80E-200 1.362129423 0.514 0.057 7.95E-196
5 SATB1 9.13E-96 1.316410679 0.823 0.375 1.51E-91
5 PELI2 8.15E-153 1.310928453 0.491 0.073 1.35E-148
5 RUNX2 3.03E-93 1.309692167 0.794 0.318 5.02E-89
5 DUSP1 8.65E-65 1.296160499 0.835 0.514 1.43E-60
5 CCR6 4.82E-227 1.282234191 0.506 0.046 7.98E-223
5 SNX25 1.01E-72 1.275076221 0.757 0.372 1.67E-68
5 IRAK2 3.52E-57 1.195188922 0.69 0.363 5.83E-53
5 CD69 2.21E-40 1.190704036 0.872 0.683 3.66E-36
5 STAT4 4.85E-38 1.174783832 0.941 0.799 8.04E-34
5 PLXNC1 1.85E-84 1.169597872 0.622 0.204 3.07E-80
5 IL23R 8.83E-278 1.139847369 0.435 0.019 1.46E-273
5 RYR2 9.23E-120 1.10809254 0.273 0.024 1.53E-115
5 ADAM12 9.60E-123 1.108016917 0.518 0.102 1.59E-118
6 COX2 9.70E-112 2.960012517 1 1 1.61E-107
6 COX1 2.92E-106 2.92182672 0.995 0.993 4.83E-102
6 ND4L 2.05E-89 2.8828204 0.914 0.705 3.39E-85
6 ATP6 1.85E-109 2.804010058 1 0.993 3.07E-105
6 ND2 1.58E-105 2.740227596 0.986 0.972 2.61E-101
6 COX3 7.90E-102 2.715620493 1 0.999 1.31E-97
6 ATP8 5.58E-66 2.594854894 0.774 0.475 9.23E-62
6 ND4 3.83E-100 2.503730267 0.982 0.983 6.34E-96
6 ND3 8.83E-71 2.439889871 0.855 0.711 1.46E-66
6 ND6 3.83E-64 2.23528975 0.62 0.23 6.33E-60
6 CYTB 1.76E-58 2.169036033 0.778 0.531 2.92E-54
6 ND5 8.35E-43 1.787358633 0.597 0.294 1.38E-38
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cluster gene p_val avg_log2FC pct.1 pct.2 p_val_adj
6 CHD3 2.62E-06 0.390779742 0.176 0.388 0.043373
6 PSTPIP1 0.00135 0.307146472 0.145 0.27 1
7 ND4 1.97E-69 3.157078903 1 0.983 3.27E-65
7 COX3 2.09E-67 3.070272668 1 0.999 3.46E-63
7 ATP6 4.64E-68 3.011254511 1 0.994 7.69E-64
7 COX2 2.13E-67 3.007401534 1 1 3.52E-63
7 COX1 3.66E-67 2.944754398 1 0.993 6.06E-63
7 ND2 1.89E-65 2.787707981 1 0.972 3.12E-61
7 CYTB 1.28E-53 2.606733352 0.906 0.534 2.12E-49
7 ND4L 1.39E-53 2.494260548 0.966 0.709 2.30E-49
7 ND3 2.38E-57 2.232920371 0.974 0.711 3.95E-53
7 ATP8 5.64E-38 2.132178572 0.812 0.481 9.34E-34
7 ND5 1.82E-33 2.112356642 0.667 0.299 3.01E-29
7 ND6 2.55E-24 1.79482321 0.556 0.241 4.23E-20
7 HEXIM1 0.008632 0.297343251 0.12 0.252 1
8 MAMU-DRA 3.31E-98 4.93446038 0.837 0.063 5.49E-94
8 CD74 2.13E-33 4.695910899 0.93 0.32 3.53E-29
8 ARHGAP24 0 4.313994827 0.791 0.005 0
8 MAMU-DRB12.65E-33 3.897661016 0.93 0.306 4.39E-29
8 CFD 6.84E-165 3.783609302 0.442 0.007 1.13E-160
8 SPAG16 8.01E-22 3.667506662 0.372 0.052 1.33E-17
8 LYZ 5.50E-255 3.659221419 0.605 0.008 9.11E-251
8 IGKC 1.46E-35 3.429401165 0.302 0.021 2.41E-31
8 BANK1 2.15E-56 3.415097783 0.605 0.053 3.56E-52
8 LYN 3.52E-38 3.306578602 0.953 0.235 5.83E-34
8 VCAN 4.19E-219 3.303642399 0.279 0.001 6.94E-215
8 KYNU 0 3.172643592 0.791 0.003 0
8 IL1B 5.84E-262 2.978438361 0.419 0.003 9.67E-258
8 RBM47 0 2.844013515 0.628 0.005 0
8 RALGPS2 1.42E-21 2.712107117 0.512 0.097 2.35E-17
8 DPYD 1.48E-142 2.679347772 0.535 0.014 2.44E-138
8 MS4A1 2.37E-270 2.673955836 0.395 0.002 3.93E-266
8 EBF1 5.65E-194 2.662643659 0.372 0.003 9.35E-190
8 DOCK4 3.48E-55 2.628173581 0.395 0.022 5.77E-51
8 IFI30 6.34E-165 2.591047424 0.744 0.025 1.05E-160
8 SOX5 1.80E-67 2.560910565 0.302 0.01 2.98E-63
8 SOD2 1.97E-17 2.553388602 0.558 0.143 3.26E-13
8 MAMU-DMB 0 2.505497958 0.814 0.009 0
8 G0S2 4.07E-158 2.47411327 0.326 0.003 6.75E-154
8 PSAP 3.58E-14 2.446048791 0.674 0.246 5.92E-10
8 MEF2C 1.24E-172 2.438931705 0.744 0.023 2.06E-168
8 GAB2 1.20E-24 2.397588122 0.744 0.192 1.98E-20
8 IDO1 4.49E-176 2.381230419 0.349 0.003 7.43E-172
8 CST3 8.49E-213 2.344602805 0.442 0.005 1.41E-208
9 STMN1 2.08E-24 2.634555221 0.781 0.166 3.44E-20
9 MKI67 1.28E-74 2.597847719 0.781 0.053 2.13E-70
9 DIAPH3 7.37E-225 2.41407531 0.781 0.014 1.22E-220
9 HMGB2 3.77E-16 2.143179893 0.906 0.444 6.24E-12
9 H1-3 2.04E-24 2.098483009 0.594 0.088 3.37E-20
9 BRCA1 1.13E-50 1.867951151 0.719 0.065 1.88E-46
9 CIT 1.46E-121 1.862253794 0.688 0.022 2.42E-117
9 SMC4 3.14E-14 1.847860926 0.844 0.349 5.19E-10
9 TUBB 4.83E-13 1.735545218 0.812 0.327 8.00E-09
9 ATAD2 1.18E-21 1.680186899 0.719 0.155 1.95E-17
9 DTL 5.18E-65 1.662958826 0.562 0.029 8.57E-61
9 CENPP 9.26E-87 1.657267812 0.625 0.027 1.53E-82
9 RRM2 1.48E-166 1.649278133 0.469 0.006 2.45E-162
9 ZGRF1 1.55E-80 1.588887277 0.625 0.029 2.57E-76
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Supplementary Table 2. Top differentially expressed genes (DEG) for each 
seurat cluster. 
 
 
 

 
Supplementary Table 3. Top differentially expressed genes (DEG) for each 
seurat cluster. 
 

cluster gene p_val avg_log2FC pct.1 pct.2 p_val_adj
9 POLA1 8.32E-23 1.576522096 0.625 0.106 1.38E-18
9 LMNB1 2.67E-20 1.553268661 0.75 0.175 4.41E-16
9 TMPO 2.09E-14 1.54129672 0.688 0.223 3.46E-10
9 BRCA2 8.15E-139 1.534922252 0.625 0.015 1.35E-134
9 NCAPG2 6.44E-48 1.53284653 0.656 0.056 1.07E-43
9 PCLAF 0 1.503967385 0.5 0.002 0
9 ASPM 6.47E-296 1.489948627 0.625 0.005 1.07E-291
9 NSD2 1.66E-13 1.46953808 0.719 0.232 2.75E-09
9 TOP2A 5.49E-59 1.469517973 0.5 0.025 9.08E-55
9 SYNE2 5.04E-10 1.43609405 0.875 0.465 8.34E-06
9 UHRF1 4.53E-134 1.435374816 0.594 0.014 7.50E-130
9 TACC3 2.56E-17 1.388674843 0.656 0.145 4.24E-13
9 POLQ 1.17E-79 1.374273231 0.625 0.029 1.93E-75
9 POLE 7.36E-67 1.352562409 0.562 0.028 1.22E-62

Supplemental Table 2

gene_symbol p_val avg_log2FC pct.1 pct.2 p_val_adj

CD99 2.06E-14 -0.0442761 0.431 0.761 3.41E-10
CX3CR1 4.04E-35 -0.5401608 0.143 0.443 6.68E-31
ITGA1 2.46E-05 0.7870831 0.122 0.068 0.40661186
ITGA4 4.15E-38 -0.582982 0.527 0.896 6.88E-34
ITGAE 6.58E-11 0.06436982 0.145 0.302 1.09E-06
ITGAL 5.80E-20 -0.2565312 0.454 0.773 9.60E-16
ITGAV 1.62E-26 -0.609355 0.166 0.42 2.69E-22
ITGB1 9.25E-26 -0.2973681 0.283 0.614 1.53E-21
ITGB2 5.52E-24 -0.2301722 0.41 0.774 9.14E-20
GZMB 5.35E-34 -0.5355009 0.716 0.983 8.86E-30
TGFBR2 1.35E-10 -0.1983989 0.608 0.883 2.24E-06
TGFBR3 1.32E-33 -0.6460895 0.492 0.846 2.19E-29

Differential gene expression between seurat clusters 2 and 1

Supplementary Table 3
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Conclusion and Future Directions 

 We set out to establish a novel NHP model for COVID-19, assess the 

implications of immunosuppression during SARS-CoV-2 infection, and explore 

the roles and dynamics of T cells in the lungs. 

 

1. Animal Models and Immune Response Dynamics: Through the exploration 

of the PTM as a novel model for COVID-19, our research reinforces the need 

for animal models that can fully recapitulate the full range of clinical 

manifestations seen in humans. While most NHPs fail to capture the severe 

spectrum of COVID-19, we show that PTMs provide an alternative animal 

model for understanding the intricate immune responses to SARS-CoV-2. Our 

findings provide insights into the cellular immune response, highlighting 

pulmonary infiltrates that were dominated by T cells, including a unique 

population of CD4+ T cells that upregulate CD8 and express cytotoxic 

molecules, as well as virus-specific T cells that were predominantly CD4+.  

2. Coinfections and Immunodeficiency: Exploring the effects of 

immunosuppression on SARS-CoV-2 dynamics, our research underscores 

the implications of a compromised immune system during infection. Although 

our results in the PTM model indicated that SIV-induced immunodeficiency 

does not significantly alter the clinical course of COVID-19 or facilitate viral 
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persistence and evolution, the failure to generate adaptive immune 

responses, specifically neutralizing antibodies and virus-specific T cells, 

highlights the vulnerability of individuals with compromised immune systems 

to repeat infection.  

3. Pulmonary T cell Dynamics: In building on our findings from the first two 

studies, we delved deeper into the dynamics of pulmonary T cells, with a 

specific focus on the lung’s vascular system. This investigation sheds new 

light on the role of T cells in this vital organ. By leveraging intravascular 

staining (ivs), we challenge traditional views that dismiss ivs+ cells as mere 

“blood contaminants.” Our research, alongside previous findings from Potter 

et al., posits that these cells represent a distinct subset selectively retained 

within the pulmonary vasculature. Their gene expression profile, enriched in 

cell adhesion and extravasation markers, including those typically associated 

with tissue residence indicates a specialized niche within the vascular system. 

Enrichment of CD8+ T cells with pronounced effector functions, evidenced by 

enhanced GZMB expression as well as heightened GZMB, IFN-!, and TNF-⍺ 

responses during SIV infection, highlight their significance in lung immunity. 

 In conclusion, our research contributes to the field of T cell biology within 

the realm of infectious disease and pulmonary immunology. Our findings provide 

valuable additions to the growing body of COVID-19 research and pave the way 

for future investigations. As we move forward, discerning the nuanced 

differences between tissue-resident T cells, vascular “resident-like” T cells, and 

circulating blood T cells will be pivotal. This knowledge will help unlock deeper 
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insights into lung immunology and its implications not only for designing novel 

therapeutic strategies targeting T cell responses but also for the development of 

more effective vaccine and treatment regimens.  

 

Future Directions 

Effector CD8 T cells are vital in defending against pathogens during acute 

infection [1–3]. As the infection resolves, the TEFF population contracts, leaving a 

small population of antigen-experienced memory T cells poised to rapidly 

respond to future encounters [4,5]. Recent studies in mice suggest that not all 

remaining TEFF cells differentiate into memory T cells. Some persist as “long-lived 

effector cells” (LLEC) with pronounced cytotoxicity, albeit with reduced 

proliferative capacity [6,7]. Cells with characteristics similar to LLECs have also 

been observed in humans [8]. CD8 T cells expressing CX3CR1, identified in both 

humans and mice, display an effector phenotype with high GZMB expression and 

a heightened ability to eliminate infected target cells [8]. This raises the question: 

Could the perivascular bed serve as a specialized niche for LLECs? The 

pulmonary ivs+ T cells in our third study showed elevated expression of GZMB, 

as well as genes associated with enhanced cytotoxicity, cell adhesion, 

extravasation, and tissue residence, with low expression of genes that promote 

egress, suggesting possibly so. Further studies could provide valuable insights 

into not only vascular-associated T cells (ivs+) but also LLECs and their possible 

retention within the pulmonary vasculature. Exploring the biology and potential 

applications of these cells could include: 
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• Elucidating the Mechanisms of ivs+ T Cell Retention: Investigating the 

precise mechanisms that retain the ivs+ T cells within the pulmonary 

vasculature remains an essential next step. Understanding how these 

cells avoid egress into the lung tissue while maintaining a vigilant state will 

provide insights into the immune surveillance strategies in the lung. 

Through scRNAseq, we found that the ivs+ cells had increased expression 

of genes associated with cell adhesion and interactions at the vasculature 

cell wall. Studies examining protein expression of integrins identified 

through our scRNAseq analysis, along with cell adhesion molecules 

expressed by lung endothelial cells in various vasculature compartments, 

will be needed to further support and expand upon our findings. 

• Comparative Analysis Across Non-Lymphoid Tissues: Expanding our 

study of ivs+ T cells to other highly vascularized non-lymphoid tissues, 

such as the liver, spleen, or kidney, is essential to determine whether the 

observed vascular residency is unique to the lung or a common feature in 

other organs. Potter et al. found that the ivs+ cells (referred to as ivas+ in 

their study) in both the kidney and spleen were enriched in CD8 T cells, 

similar to what we observed in the lung. This suggests the potential 

presence of vasculature niches in other non-lymphoid tissues as well. 

• Harnessing Functional Potential of ivs+ T Cells: An essential avenue 

for future research involves unraveling the intricate signals and cues that 

regulate ivs+ T cell activity within the pulmonary vasculature. Investigating 

strategies to modulate their function, whether by enhancing their 



 159 

protective roles or mitigating potential harmful responses, holds promise 

for the development of innovative therapeutic interventions. Their unique 

location exposed to plasma — in contrast to tissue-resident T cells, which 

are shielded from the blood — offers opportunities for systemic 

administration of treatments targeting these distinct cell populations. 

Targeting this highly activated subset before these cells migrate into the 

tissues has the potential to mitigate disease severity in conditions with 

known immunopathology, such as COVID-19. 

• Role in Respiratory Disease: A logical progression of our studies would 

be to explore the role of pulmonary vasculature-associated T cells in 

respiratory diseases such as COVID-19. In our first study, we identified a 

unique population of pulmonary infiltrating CD4 T cells that expressed 

cytotoxic molecules and exhibited upregulation of CD8 upon stimulation. 

Interestingly, these cytotoxic CD4 T cells were present at all timepoints 

post-SARS-CoV-2 infection in the lung but notably absent in the blood. By 

leveraging intravascular staining, we can begin to identify the origin of 

these cells, potentially revealing their localization within the pulmonary 

vasculature. Understanding whether these cytotoxic CD4 T cells are 

recruited into the lung parenchyma and airways upon SARS-CoV-2 

infection from a specialized vascular niche and delineating their potential 

roles in disease pathogenesis or host defense mechanisms could pave 

the way for novel therapeutic interventions. 
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• Assessing LLECs in Various Disease States: In our third study, we 

found that the pulmonary ivs+ CD8 T cells demonstrated enhanced 

functionality compared to their counterparts in the pulmonary tissue (ivs-) 

and blood within our cohort of SIV-infected animals. While further studies 

such as immunohistochemistry and spatial transcriptomics are needed to 

confirm the identity of LLECs within the ivs+ T cell compartment, their 

potential contribution to controlling viral reservoirs in chronic infections is 

an exciting prospect. Studies further investigating the ivs+ CD8 T cells, 

and in particular LLECs, in the context in which these cells are most 

prevalent and functionally significant will be important going forward. By 

adding additional cohorts of SIV-naive, untreated SIV-infected, and SIV-

infected animals undergoing antiretroviral therapy (ART) we can begin to 

uncover additional insights into LLECs in the context of infectious disease. 

Examining how LLECs respond to infection and treatment, we can 

determine potential associations between their presence in the lung and 

distinct infection states. Further exploration of possible links between 

LLECs and viral reservoirs or viremia levels could provide valuable 

insights into the role of LLECs in controlling viral replication and 

persistence. Additionally, assessing the feasibility of targeting ivs+ T cells, 

including LLECs, as part of immunotherapies designed to combat 

infectious disease may hold promise for clinical applications.  
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Our findings lay the groundwork for increased exploration of ivs+ T cells in 

pulmonary immunology. The identified future directions not only promise to 

further unravel the mysteries of these cells but also offer potential clinical 

applications that can impact our understanding of respiratory health and the 

development of innovative therapies.  
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